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Introduction

The impacts of climate change on human disease have been well documented (see, for instance,
McMichael et al. 2003). Malaria, cholera, dengue fever, hantavirus, and Rift Valley fever have all
been documented to respond to climatic factors, and are expected to have increases in outbreak
frequency or severity, or wider geographic ranges in response to anthropogenic climate change (Patz
et al. 2005, IPCC 2007). Furthermore, the linkages between wildlife disease and human health have
been described in the context of climate change (WCS 2008). However, a detailed discussion of
conservation implications of climate change on wildlife disease, and the potentially necessary
management responses, has been lacking. This review fills that gap by first providing case studies of
how climate change is affecting an array of different wildlife diseases, across multiple habitats and
taxa, then suggesting how managers and conservation practitioners can help wildlife navigate the
effects of climate change and wildlife disease.

Case studies in this report detail a number of mechanisms by which changing climate conditions are
interacting with infectious disease to threaten wildlife. These effects fall roughly into several
categories:

Benefit to pathogen. In some cases, the effects of climate change confer an advantage to the pathogen.
For instance, warmer temperatures decrease the time it takes some organisms to complete their life
cycle. In other cases, climate change is lengthening the growing season, allowing some pathogens to
avoid overwintering. For those pathogens that do overwinter, warmer winter temperatures may

decrease overwintering mortality.

Benefit to vector. While some diseases are transmitted directly, others have complicated lifecycles that
require them to complete one or more stages in a completely different organism, such as a mosquito
or a tick. These vectors can also benefit from climate change, via enhanced survivorship, higher
metabolic activity, or improved opportunities for breeding or feeding on their hosts.

Stress to host. Impacts associated with climate change include air and water temperature increases,
increased frequency of severe storms extended droughts, and phenologic mismatches that affect



food availability. These various problems can stress wildlife and can leave them more susceptible to

disease than they would be under more normal circumstances.

Synergistic impacts. In some cases, climate change will allow diseases to manifest in the environment
via pathways they otherwise would not. For example, synergistic impacts occur when climate
conditions exacerbate other stressors, such as pollution, in ways that enhance disease susceptibility.

By no means are all wildlife diseases predicted to be worsened by climate change. In some cases,
disease expression may decrease in severity due to conditions associated with climate change.
Brucellosis, which causes stillbirths in affected ungulates, impacts elk and bison in the Greater
Yellowstone Region. Wildlife managers provide supplemental feeding to elk in the winter months in
order to reduce transmission to cattle; unfortunately this practice causes the disease to spread more
rapidly within the elk population. Milder winters, which would reduce the need for supplemental
feeding, might help lower the incidence of brucellosis among elk (Cross et al. 2007). Similarly,
climate change- induced droughts in the American West may reduce cases of plague by reducing
rodent activity (Ben Ari et al. 2008). Ranavirus, an amphibian disease, is less lethal at higher
temperatures than lower (Rojas et al. 2005).

Nonetheless, the impacts of several diseases on wildlife will constitute a significant conservation
threat to their prospects, as will be described in the profiles below. As such, disease must be
addressed in management and planning efforts to help wildlife adapt to climate change.



Chapter 1. Avian Malaria

Malaria is a debilitating illness caused by protozoan parasites - single-celled organisms that are much
larger and more complex than bacteria or viruses. Because it is a protozoan, malaria cannot be
treated with antibiotics, nor has a vaccine been developed. In humans, malaria poses an enormous
public health challenge, with 900 million cases per year and 2.7 million deaths (USAID, undated). It
is recognized as a major barrier to economic development in Africa and other tropical regions
(USAID, undated). However, malaria strikes animals as well: there are dozens of different strains of
malaria, each a different species of the genus Plasmodium. Four of these strains affect humans (WHO,
undated), while other strains strike other mammals, reptiles or birds. Avian malaria in particular has
been a major conservation tragedy in the Hawaiian Islands, and climate change is poised to worsen
the threat.

The Malaria Life Cycle

All strains of Plasmodium share two important characteristics: 1) they cause illness by attacking the
host’s red blood cells, reducing the blood’s ability to deliver oxygen to the cells and tissues of the
body; and 2) all depend on a mosquito to help them complete their life cycle. Unlike a cold, which
can be transmitted directly between people, malaria requires a “vector” to transmit the disease
between potential hosts. The main vector for human malaria is a group of mosquitoes in the genus
Anopheles. Avian malaria is spread by a different group called Culex mosquitoes. Only female
mosquitoes bite: they feed on the blood of humans and animals because they need the high protein
and iron food in order to lay eggs. If a mosquito bites a person or animal with malaria, some of the
infected blood cells within the blood meal will contain specialized male and female forms of the
pathogen. These “gametocytes” take up residence in the mosquito’s gut, where they reproduce. The
offspring do not harm the mosquito, but migrate to its salivary glands in preparation for the
mosquito’s next blood meal.

When a mosquito bites a vertebrate, it pierces the skin with a syringe-like proboscis and injects some
saliva, which is thought to assist in locating a blood vessel on which to feed (Ribiero et al 1984). If
the mosquito is infected with malaria, the plasmodium protozoans that were waiting within the
salivary glands enter the bloodstream along with the saliva that the mosquito injects. The parasites
quickly migrate to the liver, where they quickly divide (via asexual reproduction) into thousands of



identical “daughter cells.” These proceed from the liver and infect red blood cells feeding on the
hemoglobin and dividing further. The parasites eventually destroy enough cells to cause anemia and
other symptoms. The body also has a difficult time fighting the pathogen, because it spends most of
its life hidden within the cells of the blood or liver. However, as each new wave of daughter cells
moves out to infect new blood cells, an immune response is triggered: the classic recurrent high
fever of the malaria patient. Some of the daughter cells also differentiate into male and female
“gametocyte” forms, in preparation for the continuation of the disease’s life cycle.

Malaria and Climate

Malaria is endemic to tropical regions around the world, found through much of Africa, South and
Southeast Asia, and Central and South America. This distribution is tied strongly to climate factors,
particularly rainfall and temperature. All mosquitoes begin their life cycle in water. The adult female
lays eggs in a small pool of standing water, preferably one containing dead leaves or other organic
material. The eggs hatch into larvae, which feed upon the organic matter and grow for a while
before developing into pupae. The pupa is a resting phase during which the mosquito transforms
into an adult phase, at which point it from the water. Mosquitoes therefore depend on the presence
of water, and prefer still or stagnant water where the larvae won't be washed away. They also prefer
small pools, which are likely to have fewer predators, but require regular intervals of rainfall to
persist.

External temperature strongly influences the development and activity of the mosquitoes that carry
malaria. According to one study, Culex mosquitoes at 20°C took 25 days after hatching to develop to
adults, but only 7.1 days at 35°C (Mottram et al. 1986). These researchers also found that below
15.6°C the mosquitoes didn’t develop at all. Culex mosquitoes also feed less at lower temperatures
(Eldridge 1968).

In addition to affecting mosquito development, low temperatures also inhibit the lifecycle phase that
occurs inside the gut of the mosquito. Only female mosquitoes bite: they feed on the blood of
humans and animals because they need the high protein and iron food in order to lay eggs. The adult
female mosquitoes that transmit malaria don’t live very long--an average of 9 to 14 days under
normal circumstances (Scholte et al. 2003). Therefore, the developing parasite is in something of a
race against the clock. The plasmodium taken up when a mosquito bites an infected person must



mature and reach the mosquito’s salivary glands in time to be injected into new victim before the
mosquito dies.

Researchers have known since the early 1900s that low temperatures are lethal to the human malaria
strains, particularly early in their development. The parasite was killed outright by exposure to
temperatures below 17°C within the first 1.5 days after a mosquito bites an infected person (Grassi
1900, Stratman-Thomas 1940). The parasite is better able to tolerate temperature drops after the
crucial early phase, but does take longer to develop. Avian malaria shows a similar pattern: long
periods of cold exposure shortly after infection curtails development of the parasite (Chao and Ball
1962). Optimal development of the parasite inside a mosquito occurs at 27°C. A temperature of
18°C doubles the length of time it takes for the parasites to develop and migrate to the salivary
glands, and the parasites also require an additional five days to mature to the point where they are
capable of transmitting an infection (Ball & Chao 1965).

Because temperature determines the rate at which the plasmodium develops in the mosquito, it plays
a critical role in determining whether malaria will be passed on. At 17°C, there is only a 0.001%
chance that infective parasites will “beat the clock” and mature before the mosquito dies. At 20°C,
the chance is 5.9%, and the probability rises to a maximum of 37% at 30°C (Snow et al. undated).
Above this 30°C, the probability drops even though the parasites mature very quickly, because the
mosquitoes die of heat stress.

Malaria is endemic throughout most of tropical regions where temperatures remain for extended
periods within the favorable zone for parasite development and transmission. The main tropical
areas outside the favorable zone are at higher elevations where cooler weather predominates and the
parasite has less of a chance of getting a foothold. It is no accident that many of the largest cities
within the tropics are located at fairly high elevations. For instance Nairobi, Kenya, is located at
5450 feet and Harare, Zimbabwe, is at 4865 feet.

Malaria Conservation Threat
Many tropical birds have evolved with the threat of avian malaria and have thus built up some
resistance to the disease over time. This is not the case where avian malaria has been introduced



recently and the native birds are entirely without defense. In these areas, effects of the disease have
been devastating.

One case in point is the birds of Hawaii. The isolation of the archipelago in the Pacific Ocean made
Hawaii is a hot spot for bird evolution. Since so few colonizing animals were able to traverse the
expanse of ocean to reach the islands, those that made it found a wide array of open habitats and
niches, along with very few predators. These few colonists diversified via adaptive radiation to fill
various niches: it is thought that as many as 53 Hawaiian endemic species evolved from just 15
colonists to the island chain (Berger 1981).

With this extraordinary array of diversity came an unusual fragility: because Hawaii’s birds evolved
to fill distinct niches and in the absence of predators and diseases, they are highly vulnerable to
changes in habitat and to introduction of exotic predators and parasites. Nearly 40 species were
pushed to extinction following Polynesian colonization of the islands, probably due to hunting and
destruction of lowland habitats (Olson and James 1982). European colonization brought additional
habitat destruction, direct exploitation, and exotic species introduction that caused the extinction or
endangerment of dozens more. Of the 71 endemic taxa present on the islands at the time of
European contact in the late 1700s, twenty-three were extinct by 1995 (Jacobi and Atkinson 1995),
and by 2006 a further eleven had most likely vanished (USFWS 2006).

Among the introductions that eventually proved most devastating was the vector for avian malaria, a
Culex mosquito, which is thought to have first arrived to Maui’s port of Lahaina in 1826 as an
unwanted guest on the ship the “Wellington” (van Dine 1904). The mosquito’s range remained
relatively confined for about 50 years, but spread rapidly throughout Maui and the rest of the islands
with the advent of road-building and expanding inter-island travel in the late 1800s (van Dine 1904).
The date and route of entry for malaria itself is unknown (LaPointe et al 2005). One possibility is
that migratory ducks and shorebirds might have brought the disease, which was later transmitted to
resident birds following the introduction and spread of the necessary vector (Warner 1968). Others
have pointed to the near-absence of the parasite in migratory individuals and implicate the wave of
deliberate introductions of Asian birds in the early 1900s as the source of the infection (van Riper et
al. 1986)



By the early 1900s it was apparent that birds were disappearing from lowlands, even in suitable
forest habitats: “So far as the human eye can see, their old home offers to the birds practically all
that it used to, but the birds themselves are no longer there,” wrote H.W. Henshaw in 1902. Six
endemics had disappeared from Oahu by 1900 (Warner 1968) and birds on Lanai were becoming
increasingly confined to the uplands, despite plenty of remaining habitat in the lowlands (Munro
1944). Contemporary chroniclers of Hawaiian avifauna described sightings birds suffering visible
symptoms of viral avian pox, another detrimental introduced disease. However, they also recorded
sightings of dead birds, particularly in lowland forests, that showed no outward symptoms, and
many of these probably suffered from avian malaria (Warner 1968).

Richard Warner (1968) demonstrated the lethality of avian malaria to native birds by exposing
highland-caught honeycreepers to lowland mosquito conditions in large-mesh cages. These birds
invariably sickened and died, and post-mortem examination revealed high levels of Plasmodium
infection in each bird’s bloodstream. Warner found that infections were more severe and more likely
fatal in the honeycreepers, as compared to introduced finches and white-eyes, suggesting
immunological naiveté. He also observed that the native birds exhibited a behavioral naiveté as well:
the introduced birds tended to sleep with their feet and faces drawn tightly into their feathers,
denying the mosquitoes a good place to feed. The native birds, on the other hand, slept with their
faces and feet exposed, and the researchers observed many more Culex mosquitoes feeding upon the
native birds.

The Climate Change Connection

As described above, the development and transmission of the malaria parasite is strongly dependent
on temperature. Below a certain threshold, the parasites do not reach infectivity within the lifespan
of the vector mosquito. For the strain of malaria in Hawaii, no transmission of malaria occurs below
13°C, and very little occurs between 13°C and 17°C (LaPointe et al 2005). At issue in the
conservation of Hawaii’s avifauna is to what elevation that temperature threshold corresponds, and
is that threshold moving upslope with the onset of climate change? The answers to these questions
will ultimately determine the extent and location of the malaria-free refugia for Hawaii’s endemic
species.



In his 1968 examination of malaria in honeycreepers, Richard Warner cited 600 meters in elevation
as the critical threshold for the temperature limitation of avian malaria. The major islands in the
archipelago range from 1000 meters to 4000 meters in height, and on the higher islands the upper
limit of the forested area is about 1900 meters (Juvik & Juvik 1998). Thus, the 600-meter threshold
suggested that substantial areas of most of the islands were available as disease-free refugia for

honeycreepers and other malaria-sensitive island endemics.

Unfortunately, later work by other researchers contradicted this assertion: van Riper and colleagues
(1986) found breeding mosquitoes and malaria-infected birds up to 1500 meters in wet forest
habitats and up to 1350 meters in dry forests, where there are fewer pools of water for mosquitoes
to breed in. This higher threshold substantially contracts the available malaria-free habitat zone. All
of Oahu and Lanai, and most of Molokai, lie below this elevation, and high-elevation forest habitat
on Kauai, Maui and Hawaii is considerably restricted.

Under plausible scenarios of the impacts of impending climate change on the Hawaiian Islands, the
malaria-free area constricts sharply. A warming climate shifts the thresholds for malaria up the
slopes of the mountains and further shrinks the area where the disease is absent. One recent analysis
of the potential effects of a 2°C increase on protected forested areas was particularly discouraging,
because it found that the upslope shifts cut sharply into the available forest habitat (Benning et al.
2002). On Maui, a 2°C increase shrinks the area of very low malaria risk (below 13°C) from 665
hectares to 285 hectares of forested habitat, and the area of medium risk (between 13 and 17°C)
from 1,236 hectares to 886 hectares. On the other large islands the situation was even worse.
Because the maximum elevation of Kauai is less than 1600 meters, the island already lacks the lowest
risk temperature zone, and a 2°C increase cuts the medium risk area from over 15,000 hectares to
less than 2,500 hectares. Hawalii, despite having the highest elevation of all the islands and therefore
the largest low-temperature zone, suffers from the presence of unforested pasture land upslope
from its largest reserve, so a 2°C temperature increase shifts the critical isotherms into unsuitable
habitat: the lowest risk area shrinks from 3,120 hectares to 130 hectares. However, the medium risk

zone on Hawaii remained the largest of the three islands- 7,669 hectares, down from the current
9,229 hectares (Benning et al. 2002).



The dire predictions of the model are already being borne out by observations. By 2001, avian
malaria was present in 5.4% of forest birds at 1900 meters in Hawaii’'s Hakalau Forest National
Wildlife Refuge (Freed et al. 2005), the same refuge modeled above. This represented a doubling of
the presence of malaria compared to a decade earlier. Mean air temperature has risen slightly over
the past decade; perhaps more importantly, the mean air temperature during warm spells has
increased significantly. A two-week sequence of air temperatures averaging 15.4°C seems to have
provided an opening for the parasite to gain a foothold in the upper reaches of the Refuge’s forest
habitat. Given that forest gives way to pasture shortly above this elevation, it is clear that rising
temperatures are in fact depriving Hawaii’s birds of their last refuge.

Helping Wildlife Adapt to the Climate Change & Malaria Threat

Protect and restore appropriately located forested habitat. Models of the impact of climate
change on malaria and its mosquito vector indicate that on the island of Hawalii, the malaria-free
zone is predicted to move upslope and into a region dominated by pasture rather than forest habitat
(Benning et al. 2002). These authors conclude that, “restoration of high-elevation forests above [the
Hakalau Wildlife Refuge] is crucial to improving the chances for survival of the honeycreeper
species, particularly the Hawaii akepa, a cavity nester that requires large trees.” Forest fragmentation
and agricultural land use also increase the likelihood of mosquito presence (Reiter & LaPointe 2007),
so reforestation of buffer areas adjacent to refuges may also reduce the rate of the spread of malaria
within forest refuges.

Locate and protect surviving birds at low elevations. Despite the apparent doom of the climate
change and malaria scenario, there is evidence that resistance to the diseases is beginning to emerge
in some species. In particular, the amakihi is now found at lower elevations (Atkinson et al 2000,
Woodworth et al. 2005) and these low-elevation populations exhibit genetic differences from
upslope birds that indicate evolved resistance to malaria (Foster et al. 2007). Therefore, low-
elevation habitats, far from being “sacrifice” zones, may contain crucial reservoirs of birds that have
evolved resistance to malaria. Birds found at low elevations could be crucial components of captive
breeding programs. Tolerance of malaria may be emerging in the ‘I'iwi and the Hawaii ‘Akepa as
well (Freed et al. 2005).
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Reduce other stressors to birds in order to increase the likelihood of evolution of resistance.
As mentioned previously, malaria is only one in a long list of threats to Hawaii’s native birds.
Another devastating factor was the introduction of rats, cats and mongoose to islands that were
previously free of mammalian predators on nests and nestlings (Atkinson 1977). If, as mentioned
above, tolerance of or resistance to malaria is beginning to emerge naturally in Hawaii’s birds, a
critical conservation issue will be to make sure that birds exhibiting tolerance live to pass it on to
their offspring. Reducing nest predation by controlling rodents and other predators may pay great
dividends in facilitating the spread of the genes that confer malaria resistance (Kilpatrick 2005).

Continue research on disease and vector control methods. Continued attempts to develop a
safe and effective vaccine for avian malaria should continue, as should attempts to control
mosquitoes with low-toxicity methods like sterile insect release. Furthermore, control of feral pigs
might reduce malaria transmission because their foraging behavior creates small pools that enhance
mosquito breeding success.

Prevent the introduction of diseases and vectors in other locations. The role of careless
introductions in Hawaii’s extinction tragedy serves as a cautionary tale for islands everywhere. As
climate change alters landscapes around the world, even more vigilance is needed to prevent the
introduction of malaria and other diseases to locations that might previously have proved
inhospitable for a tropical disease like malaria. Imports of live poultry and exotic birds pose severe
risks, as do any cargo consignments likely to contain stagnant water, such as used tires.
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Chapter 2. West Nile Virus

West Nile virus made its first appearance in the United States in the summer of 1999. Authorities in
Queens, New York, began to notice that large numbers of American crows were dying mysteriously.
That August, several elderly people in the same area developed symptoms of a neurological illness
after spending time outdoors during the evening. St. Louis encephalitis was initially suspected in
both the human and bird cases, but tests later revealed that the culprit was a closely related new
arrival: West Nile virus, which over the next few years spread across the country, causing illness and
death in humans, horses and an alarming array of bird species (Nash et al. 2001, Marra et al. 2004).

The West Nile Virus Life Cycle

All viruses consist of a strand of genetic material wrapped in a coating of protein. Because of their
extremely simple structure, viruses cannot feed, reproduce or move on their own. Instead they bind
to the surface of cells of another organism, by means of host-specific molecular binding sites on the
protein coat. The genetic material inside is then absorbed into the host cell and incorporated into its
own genetic makeup: in essence, the virus “hijacks” the cell and directs it to make more copies of
the virus. Eventually the host cell dies and breaks open, releasing new copies of the virus.
Depending on the severity of the infection and the type of cells affected, viruses’ impact on their
hosts can range from mild (the common cold) to life-threatening (HIV/AIDS, smallpox, ebola).
Antibiotics are ineffective against viruses, though vaccines provide protection from many.

West Nile virus was first detected Uganda in 1937 (Smithburn et al 1940), though it has probably
been present for hundreds of years or more. It is one of the most widely distributed of the
flaviviruses, present across much of Africa, southern Europe and Asia (Hubalek & Halouzka 1999).
The exact origin and pathway of the 1999 incursion remain unclear. Genetic analysis revealed that
both the first infected people and a flamingo that died at the Bronx Zoo were infected with a strain
of West Nile Virus matching one that was isolated from a dead goose in Israel — the only other
country to record both human and avian fatalities from WNV-- the previous year (Lancioletti et al.
1999, Petersen & Marfin 2002). Manifestations of West Nile virus range from mild illness to severe
and potentially fatal encephalitis (inflammation of the brain). Survivors of encephalitis are often left

with permanent neurological injury.
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Viruses are categorized according to the type and arrangement of genetic material, virus shape and
characteristics of their protein coat. West Nile belongs to a class of viruses called Flaviviridae, a
group of single-stranded RNA viruses that also includes Hepatitis C and several forms of
encephalitis. More importantly, WNV is also an arbovirus, a contraction for Arthropod-borne virus,
This means it is transmitted by insects, particularly mosquitoes, and other arthropods like ticks,
which feed on humans and other vertebrates. Over 60 species of mosquitoes can carry WNV,
though the most important vectors appear to be members of the genus Culex, a large and
widespread group of mosquitoes that bite both humans and birds (CDC 2008). Other arthropods,
like ticks, fleas and biting midges, may also transmit the virus, but their role seems to be small
compared to mosquitoes (Anderson et al. 2003, Sabio 2005).

If a mosquito bites a person or animal with a viral infection, the mosquito may take up the virus,
which may or may not multiply inside the mosquito (Whitman 1937). Whether the mosquito
becomes infected with WNV depends on the concentration of the virus in the initial host and the
susceptibility of the mosquito. People and other mammals, for instance, appear to carry such low
concentrations of the virus that mosquitoes feeding on infected individuals cannot further transmit
it. They are thus considered to be “dead end” hosts for the virus. Many bird species, on the other
hand, achieve high levels of viral concentration and can therefore be sources of infection.

Once a mosquito ingests blood with a sufficiently high viral load, it takes 1 to 14 days for the virus
to move out of the gut of the mosquito and into the rest of its body, including the salivary glands
(Kilpatrick et al. 2007). When a mosquito bites takes its next blood meal, it pierces the skin with a
syringe-like proboscis and injects some saliva, which is thought to assist in locating a blood vessel on
which to feed (Ribiero et al 1984). If the mosquito is infected with WNV, the viruses within the
salivary glands enter the bloodstream along with the saliva that the mosquito injects. Birds can also
contract the disease through close contact with infected birds or by consuming infected prey. Avian
species differ in their reaction to West Nile infection; some display little to no illness, and others
demonstrate high susceptibility to fatal disease. Lethargy, inability to stand, and disorientation are
common external symptoms; internal symptoms range from enlargement of the heart and spleen to

swelling and hemorrhage of the brain and nervous system tissues (Komar 2003).

West Nile Virus and Climate
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Mosquito distribution and virus activity are closely tied to climate factors, particularly rainfall and
temperature. Outbreaks of both West Nile virus, and the closely related St. Louis encephalitis, have
been shown to correlate with periods of heat and drought that favor the development of the vector
mosquitoes. For instance, the summer of 1999, when WNV was first detected in New York City,
was characterized by July temperatures 9°F above the 30-year average (Epstein & Defilippo 2001).

All mosquitoes begin their life cycle in water. The adult female lays her eggs in a small pool of
standing water, preferably one containing dead leaves or other organic material. The eggs hatch into
larvae, which feed upon the organic matter and grow for a while before developing into pupae. The
pupa is a resting phase during which the mosquito transforms into the adult phase, then emerging
from the water. Mosquitoes therefore depend on the presence of water, and prefer still or stagnant
water where the larvae won’t be washed away. They also prefer small pools, which are likely to have
fewer predators. In urban and suburban settings, Culex mosquitoes thrive in storm drains and catch
basins. Drought conditions actually favor the mosquitoes, because the water remains stagnant and
organic matter concentrates, providing a food source. Drought also concentrates birds at the same
water sources, where they are more likely to be bitten (Epstein & Mills 2005).

External temperature strongly influences the development and activity of the mosquitoes that carry
WNV. According to one study, Culex mosquitoes at 20°C took 25 days after hatching to develop to
adults, but only 7.1 days at 35°C (Mottram et al. 1986). These researchers also found that below
15.6°C the mosquitoes didn’t develop at all. Culex mosquitoes also feed less at lower temperatures
(Eldridge 1968). High summer temperatures also favor the species Culex pipiens, the virus's primary
vector, over a closely related mosquito, C. restuans, which is a less important vector (Kunkel et al
2006).

Temperature also plays an important role in overwintering survival. Culex mosquitoes overwinter as
adults, mostly females that have taken a blood meal but not yet developed eggs (Bailey et al. 1982).
West Nile virus has been detected in overwintering adult mosquitoes (Bugbee & Forte 2004).

It has long been known that raising the temperature also hastens flavivirus inside the mosquito,

shortening the amount of time required for the mosquito transmit the virus after becoming infected
(Davis 1932). The turnover time within the mosquito is called “vector competence.” More recent
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research specifically on WNF has shown that transmission rates clearly increase with temperature: at
18°C, it took 25 days for Culex pipiens mosquitoes to become infective after consuming an infected
blood meal, and fewer than 30% of those were infective even after 28 days. On the other hand,
mosquitoes reared at 30°C began showing infectivity at only four days, and >90% were infective
after 12 days. Mosquitoes held at intermediate temperatures showed intermediate results (Dohm et
al. 2002). Faster development of infectivity increases the likelihood that the virus will reach
infectivity by the time the mosquito takes a subsequent blood meal. Another study found no
detectable virus when infected mosquitoes were held at simulated overwintering temperatures of
10°C, but infectivity increased when temperatures were elevated to 26°C after simulated
overwintering (Dohm & Turrell 2001), so rapid onset warm spring weather might also favor
hastened virus development.

The Conservation Threat

West Nile Virus has been reported in 321 bird species (CDC 2007) and 29 mammal species (Marra
et al. 2004), as well as captive alligators (Miller et al. 2003) and possibly other wild reptiles and
amphibians (Marra et al. 2004). The strain that entered the U.S. in 1999 is more deadly to American
crows than are closely related strains of the virus from North Africa and Australia (Brault et al.
2004). The virus causes high levels of mortality in many of these species, particularly crows and blue
jays. By one estimate, up to 72% of Oklahoma crows were lost to West Nile virus in a single year
(Caffrey et al. 2005). Other particularly susceptible species include the house finch, black-crowned
night-heron, western scrub-jay, and yellow-billed magpie (Wheeler et al. 2009).

One recent study implicated WNV as an important factor in the declines of seven common bird
species: American crow, blue jay, American robin, eastern bluebird, Carolina chickadee, black-
capped chickadee and house wren (LaDeau et al. 2007). Since this set of species generally associate
positively with urbanization and suburbanization, the authors postulate observed declines in these
species over the time since the introduction of West Nile could be rightly attributed to the disease
rather than to loss of natural habitat. For other declining species, it is much more difficult to
separate WNV from other threats, such as habitat loss.

West Nile may upset ecosystem dynamics where it affects important predator species, like raptors.
WNV antibodies have been detected in several species of hawks (Hull et al. 2006) and owls
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(Fitzgerald et al. 2003), though its mortality rate and population impacts are unknown. Raptor
reductions could lead to explosions in populations of their prey, particularly rodents, which are
themselves important vectors for Lyme disease, leptospirosis, plague, hantaviruses and hemorrhagic
fever (Epstein & Mills 2005).

Another risk is the potential impact on birds that aggregate in large groups or nest in colonies.
Because the virus is shed in fecal material and orally as well as spread via mosquitoes, the likelihood
of transmission increases when birds gather in large aggregations. West Nile virus reached American
white pelican colonies in the northern Great Plains in 2002. With its arrival, mortality levels in older
chicks jumped from less than four percent to 44%. The high mortality levels in older chicks, which
would likely have otherwise survived to adulthood, has serious implications for the future health of
the population (Sovada et al. 2008).

Even more alarming is the potential for West Nile to cause population declines in species that are
already imperiled. The virus has already been demonstrated to be a serious threat to at least one such
species. Greater Sage grouse have declined by a rate of about 2 percent per year from 1965 to 2003
(Connelly et al. 2004). Sage grouse decline can be attributed to many factors, as summarized by
Braun (1998): habitat loss due to agriculture, mining and energy development, suburban and rural
development, roads, and reservoirs; habitat fragmentation by fences, power lines, and sagebrush
control treatments; habitat degradation from grazing, sagebrush control via mechanical and chemical
means, and altered fire regimes; and natural factors including drought, predation, and hunting. The
sagebrush habitat the grouse rely upon has also been degraded by invasive cheat grass, which
promotes “larger, earlier and more frequent fires” due to its dense, continuous ground cover and
summertime drought dormancy, as well as increased erosion potential following fires (West 1999).
Cheatgrass invasion shortened the fire return interval in the intermountain west from 20-100 years
to as little as 5 years, reducing or eliminating fire-sensitive sagebrush from large parts of its range
(Pyke 1999).

In 2003, West Nile virus emerged as an additive threat to this already in-trouble species. Sage grouse

mortality from WNV was 1st observed on 24 July 2003, prompting monitoring of radio-tagged sage
grouse in 4 populations in Alberta, Montana, and Wyoming (Naugle and others 2004). Naugle
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and colleagues found that 18 of the 22 carcasses th were positive for WNV. They also found that
survival in WNV areas was 26% lower than in their WNV-free control site and was 25% lower than
the average survival for those areas from 1998 to 2002, prior to WNV emergence. Equally troubling,
they found “no live sage-grouse seropositive for neutralizing antibodies against WNV;” in other
words, “no evidence that sage-grouse are able to survive WNV infection and develop immunity”.
The authors conclude: “The spread of WNV represents a significant new stressor on sage-grouse
and probably other at-risk species” (Naugle and others 2004). The extreme susceptibility of the sage
grouse to the virus has also been demonstrated in the laboratory: in one experiment all six birds
challenged with the virus died, and so did four out of five birds that had been vaccinated prior to
exposure (Clark et al. 2006).

The dramatic declines wrought by WNYV are among the issues that have forced the U.S. Fish and
Wildlife Service (FWS) to take a new look at whether the sage grouse requires the protection of the
Endangered Species Act (ESA). FWS had made a determination in January 2005 that protection of
the sage grouse under the ESA was not warranted (70 Federal Register 2244-2282). That decision
was challenged and a court order remanded the finding back to FWS, which is currently reviewing
the bird’s status in light of this recently emerged threat.

West Nile also has the potential to be very detrimental to several species that are already protected
under the Endangered Species Act. Florida Scrub-jays have declined precipitously in central Florida
following WNV introduction (Fujisaki et al. 2008). California condors, which are critically
endangered and have been the subject of an intensive captive breeding and reintroduction campaign,
were potentially saved from extinction by a prospective immunization program of the entire
population prior to the arrival of WNV in the western U.S. (Gwong-Jen et al 2007). The potential
impact of the disease on other imperiled species, such as whooping crane and Kirtland’s warbler, is

still uncertain.

West Nile Virus in a Warming World

As described above, increased temperature facilitates the development and spread of both the West
Nile flavivirus and its most important mosquito vector. Drought conditions are also favorable for
the spread of the vector. Indirect evidence of the importance of heat and drought on West Nile
pathology came in 2004: an unseasonably cool summer that year reduced mosquito activity and
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lowered mortalities of humans, horses and sage grouse (Naugle et al. 2005). For the latter, the effect
was particularly important at the northern extent of WNV range in Alberta.

Unfortunately, under most climate change scenarios, future patterns are not expected to resemble
the cool summer of 2004. IPCC projects that warmer days and nights, warmer and more frequent
hot spells, and increased areas of drought are all “very likely” or “likely” to occur over the coming
century as a result of anthropogenic climate forcing (IPCC 2007). Thus, WNV s likely to continue
to threaten wildlife and human health in coming years, and will likely continue to spread to higher
latitudes and altitudes, with possibly dire consequences for the naive fauna of those regions.

Warming temperatures also appear to have helped facilitate the evolution of a new strain of West
Nile Virus. This strain, referred to as WNO02, was first detected in 2001. WNO2 contains three
genetic differences from NY99, the strain originally detected in New York in 1999. Natural variation
and emergence of new strains is common in viruses and WNO2 appears to have evolved naturally
from NY99. What is interesting, however, is that the WNO2 strain appears to have almost
completely displaced NY99, indicating that it is somehow “better” at being passed between
mosquitoes and vertebrate hosts (Snapinn et al. 2007; Davis et al. 2005). WNO2 has a shorter
incubation time within the mosquito WN99; with more effective transmission at 5 to7 days after the
mosquito first takes an infected blood meal (Ebel et al. 2004, Moudy et al. 2007). The shorter
incubation time gives the WNO2 strain it a big advantage over NY99 in the *“vector competence”
race. The main factor tilting the balance in favor of the WNO?2 strain is temperature: WNO2 is more
efficient at replicating within mosquitoes at higher temperatures and responds more strongly to
warm temperature than NY99 (Kilpatrick et al. 2008). The differential response to temperature gave

the new strain an advantage in transmission and allowed it to outcompete its predecessor.

Helping Wildlife Adapt to West Nile Virus and Climate Change

Continue monitoring and adaptive management for potentially sensitive wildlife species. Continued monitoring of
avian mortality has value for detecting potential population-level disease impacts, particularly
colonial birds and those species that are already rare or suffering population declines for other
reasons. Continued monitoring of mortality in crows and jays also provides vital sentinel data that
can help predict human outbreaks and possibly reduce their impacts (McLean 2006) (for instance by
warning sensitive groups to take measures to avoid mosquito bites). Monitoring has already proven
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to be an important tool in the conservation of sage grouse in the face of WNV (Walker et al 2004).
Monitoring programs can also inform mosquito control practices that have fewer negative ecological
side effects, such as targeted larviciding rather than broad-scale adult control (Epstein & Miller
2005).

Curtail practices that increase mosquito activity. One way to limit exposure to West Nile is to avoid
creating new habitat for the mosquito vectors of the disease. One example of such a practice is coal
bed methane extraction in the Powder River Basin of northern Wyoming, in the heart of sage grouse
habitat. Coal bed methane infrastructure degrades sage brush habitat, and drilling activity disrupts
sage grouse lekking within a radius of up to 3.2 kilometers, resulting in reduced activity by males and
abandonment of leks (Walker et al. 2007). In addition, extraction of coal bed methane requires
significant discharges of water, which is impounded in small ponds at the surface, creating ideal
habitat for larvae of the mosquito that spreads WNV. Coal bed methane discharge ponds resulted in
a 75% increase of potential habitat for mosquito larvae in the Powder River Basin from 1999-2004
(Zou et al. 2006).

Enact preventive measures to halt spread of the virus to new areas. West Nile virus has the potential to
devastate the unique endemic faunas in places like Hawaii and the Galapagos. Risk assessment
models suggest that transport of mosquitoes on airplanes is the most likely pathway by which WNV
might reach both archipelagos (Kilpatrick et al. 2004, Kilpatrick et al. 2006). This risk would be
reduced by disinfection of airplane passenger cabins and cargo holds, as well as managing air and
seaport environs to eliminate larval habitat (Kilpatrick et al. 2004, Kilpatrick et al. 2006). Additional
quarantine precautions with respect to live bird imports to the islands would also reduce the risk
from that pathway.

The following table summarizes the spread of WNV in the U.S.

Year Human Cases Recorded Bird Deaths Recorded Source

1999 59 E/M, 3 F, 7 deaths (NY) NY, NJ, CT, MD

2000 19 E/M, 2 F, 2 deaths (NY, NJ, CT) | +VT, NH, MA, PA, DE, DC,
VA, NC

2001 64 E/M, 2 F, 9 deaths (+AL, FL, | Alabama, Arkansas,

GA, LA, MD, MA, PA Connecticut, Delaware,

District of Columbia, Florida,
Georgia, lowa, Indiana,
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lllinois, Kentucky, Louisiana,
Maine, Maryland,
Massachusetts, Michigan,
Mississippi, Missouri, New
Hampshire, New Jersey, New
York, North Carolina, Ohio,
Pennsylvania, Rhode Island,
Tennessee,  Virginia, and
Wisconsin.

2002 2946 E/M, 1160 F, 50 unsp, 284 | All states except OR, NV, UT,
deaths (39 states & DC) AZ, AK, HI, PR
2003 2866 E/M, 6830 F, 166 unsp, 264 | All states except WA, OR,
deaths (45 states + DC; not in WA, | AK, HI, PR
OR, ME, AK, HI
2004 1142 E/M, 1269 F, 128 unsp, 100 | Alabama, Arizona, Arkansas,
Fatalities California, Colorado,
Alabama, Arizona, Arkansas, | Connecticut, Delaware,
California, Colorado, Connecticut, | District of Columbia, Florida,
District of Columbia, Florida, | Georgia, Idaho, Illinois,
Georgia, Idaho, lllinois, Indiana, | Indiana, lowa, Kansas,
lowa, Kansas, Kentucky, Louisiana, | Kentucky, Louisiana, Maine,
Maryland, Michigan, Minnesota, | Maryland, Massachusetts,
Mississippi, ~ Missouri,  Montana, | Michigan, Minnesota,
Nebraska, Nevada, New Jersey, New | Mississippi, Missouri,
Mexico, New York, North Carolina, | Montana, Nebraska, Nevada,
North Dakota, Ohio, Oklahoma, | New Hampshire, New Jersey,
Oregon, Pennsylvania, South | New Mexico, New York,
Carolina, South Dakota, Tennessee, | North Carolina, North
Texas, Utah, Virginia, Wisconsin, | Dakota, Ohio, Oklahoma,
and Wyoming Oregon, Pennsylvania, Rhode
Island, South Carolina, South
Dakota, Tennessee, Texas,
Utah, Vermont, Virginia, West
Virginia, Wisconsin,
Wyoming, and Puerto Rico.
2005 1294 E/M, 1607 F, 99 unsp 119 | All but Alaska, PR, HI

Fatal

Alabama, Arizona, Arkansas,
California, Colorado, Connecticut,
Delaware, District of Columbia,
Florida, Georgia, Idaho, lllinais,
Indiana, lowa, Kansas, Kentucky,
Louisiana, Maryland, Massachusetts,
Michigan, Minnesota, Muississippi,
Missouri, Montana, Nebraska,
Nevada, New Jersey, New Mexico,
New York, North Carolina, North
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Dakota, Ohio, Oklahoma, Oregon,
Pennsylvania, Rhode Island, South
Carolina, South Dakota, Tennessee,
Texas, Utah, Virginia, Wisconsin,

and Wyoming

2006 1459 E/M, 2616 F, 194 unsp (177 | All contiguous states CDC
fatal) All contig. States except ME, 2007
VT, NH, RI, DE

2007 1217E/M, 2350 F, 63 unsp (124 | 2182

fatal) Alabama, Arizona, Arkansas, | All but ME, AK, HI
California, Colorado, Connecticut,
Delaware, Florida, Georgia, Idaho,
lllinois, Indiana, lowa, Kansas,
Kentucky, Louisiana, Maryland,
Massachusetts, Michigan, Minnesota,
Mississippi, ~ Missouri,  Montana,
Nebraska, Nevada, New Jersey, New
Mexico, New York, North Carolina,
North Dakota, Ohio, Oklahoma,
Oregon, Pennsylvania, Rhode Island,
South  Carolina, South Dakota,
Tennessee, Texas, Utah, Virginia,
Wisconsin, and Wyoming

2008

http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount99 detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount00_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount01_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount02_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount03_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount04_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount05_detailed.htm

http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount06_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount07_detailed.htm
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http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount99_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount00_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount01_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount02_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount03_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount04_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount05_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount06_detailed.htm
http://www.cdc.gov/ncidod/dvbid/westnile/surv&controlCaseCount07_detailed.htm

Chapter 3. Chytridiomycosis

Amphibians—frogs, toads, salamanders—are in alarming decline throughout the world. The 2004
Global Amphibian Assessment classified 1,896 species of amphibians as vulnerable, endangered or
critically endangered. This figure represents nearly one-third of all amphibians, a higher rate of
endangerment than in birds (12%) or mammals (23%) (GAA 2004). Thirty-five species have been
driven to extinction in recent years and a further 130 may be extinct. Many factors drive amphibian
decline, with habitat loss and pollution long established as important threats to many species. Over
the past decade, however, diseases—particularly the fungus chytridiomycosis—have emerged as
another important driver. Even worse, Chytridiomycosis may be interacting with climate change and
other stresses to drive species toward extinction.

Disease Life Cycle

Chytridiomycosis is caused by a fungus, the taxonomic group that includes molds, yeasts and
mushrooms. Unlike mushrooms and molds, however, these fungi do not form large visible fruiting
structures. Chytrids are a fairly distinct group among the fungi, as they are mainly found in aquatic
habitats or in soils and each spore has a whip-like flagella for propulsion, to aid dispersal through the
water. Once this zoospore lands on a suitable host, it forms a small cyst and then begins to divide
and send out tiny root-like structures into the epidermal cells of its host. These rhizoids infiltrate the
animal’s skin cells and feed on keratin, an important structural protein within the skin. Eventually,
the fungus creates new spores, which themselves go on to infect additional cells or new individuals
(Longcore et al. 1999; Berger et al. 2005).

Chytrid-infected amphibians show skin lesions with cellular damage evident at the microscopic level.
The damage is somewhat analogous to human cases of athlete’s foot, caused by another keratin-
ingesting fungus; however, the effects are much more dangerous for frogs, because their skin helps
regulate the body’s oxygen and water content (Berger et al. 1998). It remains uncertain whether
amphibians die directly from the fungal damage, from toxins emitted by the fungus, or from
secondary bacterial infection (Berger et al. 2005). Tadpoles usually survive infection, because their
skin lacks keratin; therefore the fungus only attacks their keratin-containing mouthparts; widespread
and often fatal infection follows metamporhosis, when a larger part of the skin becomes keratinized
(Berger et al. 1998). The chytrid group contains many species;, however the deadly amphibian
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parasite Batrachochytrium dendrobatidis (often abbreviated as Bd.) is the only species within the group to
attack vertebrates (Berger et al. 1998).

The Conservation Threat

Origin and Means of Spread

A study of museum specimens found that the chytrid fungus was present on clawed frogs (Xenopus
laevis) from southern Africa dating to 1938, 23 years earlier than the disease was found anywhere else
(Weldon et al. 2004). The disease also had little impact on that species, supporting the theory that
the fungus originated somewhere in Africa. A number of other amphibians from different parts of
the continent have shown chytrid fungus infection without high levels of mortality, so more research
is needed to pinpoint the exact origin and original host within Africa (Weldon et al. 2004).

In 1934, scientists discovered that the African clawed frog can be induced to ovulate when injected
with the urine of a pregnant woman. This knowledge was used to develop a protocol for a rapid
pregnancy test (Shapiro & Zwarenstein 1934). Subsequently large numbers of African clawed frogs
were exported around the world (Weldon et al. 2004). Specimens were also used in embryological
research and molecular biology, and feral populations that could potentially serve as infection
reserviors became established in the United States, Britain and Chile (Weldon et al. 2004). The
American bullfrog (Rana cateshiana) may have served as an additional vector for the spread of the
chytrid fungus; like the African clawed frog, it is traded widely, has established feral populations in
many areas, and can carry the fungus without suffering adverse effects (Weldon et al. 2004). For
instance, researchers in the Venezuelan Andes have found populations of introduced bullfrogs
carrying the disease but suffering only small skin lesions and low mortality (Hanselmann et al. 2004).

North America

The earliest incidence of chytrid fungus in North America dates to green frogs in Quebec in 1961
(Ouellet et al. 2005). Sampling at National Wildlife Refuges in New York, Vermont, New
Hampshire, Massachusetts and Maine detected chytrid fungus in American toads (Bufo americanus),
bullfrogs (Rana cateshiana), green frogs (Rana clamitans), pickerel frogs (Rana palustris), northern
leopard frogs (Rana pipiens), mink frogs (Rana septentrionalis) and wood frogs (Rana sylvatica). The
fungus was not detected in the gray tree frog (Hyla versicolor) and spring peeper (Pseudacris crucifer),
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possibly because both of these spend more time in trees and less in ponds and streams than the
other species tested (Longcore et al. 2007).

The fungus also infects populations of the mountain yellow-legged frog (Rana mucosa) in California.
Interestingly, the patterns of population decline in this species varies, with population extinction
occuring within a few years in southern Sierra Nevada sites, but populations persisting despite
infection at sites in the northern part of the range (Briggs et al. 2005, Fellers et al. 2007). The
potential role of habitat and differences in temperature profile between the two areas is currently
under investigation. Fungal infection has been associated with die-offs of in boreal toads, Wyoming
toads and Yosemite toads (Green & Sherman 2001, Green et al. 2002).

Chytrid fungus has also been detected in the Jemez Mountains of New Mexico in an exclusively
terrestrial salamander species, suggesting that the disease could potentially threaten a wider array of
species than previously thought (Cummer et al. 2005). The fungus was detected in three species of
Arizona frogs, one a threatened species and the other a candidate for listing. Given that all of
Arizona’s native frogs are experiencing population declines, the emergence of chytrid fungus there
poses a serious additional concern for the southwest’s amphibian fauna (Bradley et al. 2002). On the
other hand chytridiomycosis detected in tiger salamanders in Arizona did not lead to mortalities,
indicating that susceptibility might vary among species (Davidson et al. 2003).

Australia & New Zealand

Chytridiomycosis was identified in Australia after scientists discovered large numbers of dead and
dying frogs in the Big Tableland area of Queensland in 1993 and 1994; these researchers
subsequently found dead and dying frogs in other locations and from captive collections as well, and
were able to determing that the cause of death was the chytrid fungus (Berger et al. 1998). The
pathogen was probably introduced to Australia in the mid to late 1970s and had caused dramatic
declines in mountain streamdwelling frog species (DEH 2006). The sharp-snouted day frog
(Taudactylus acutirostris) was most likely driven to extinction by chytridiomycosis (Schloegel et al.
2006). The frog was previously abundant in the upland tropical areas of Queensland but populations
crashed starting in 1990; by 1994 the species has essentially vanished from the wild, and the last
captive specimen died in 1995 (DEH 2006).
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The disease also most likely claimed the three other Australian frog species, the northern and
southern gastric brooding frogs (Rheobatrachus vitellinus and R. silus) and the southern day frog (T.
diurnus). All three went extinct before the disease was postively identified, but their patterns of
decline and disapperance fit the epidemiology of chytridiomycosis (DEH 2006). Several species
suffered local extinctions of their upland populations, while lowland populations have managed to
persist. Overall, the disease has been detected in 49 species of amphibians in Australia, including 14
of the 27 listed as threatened. Further species are expected to be listed due to the disease (DEH
2006).

In New Zealand, where the native amphibian fauna is already greatly reduced due to introduced
predators and habitat modification, the chytrid fungus was found in 1999 (Waldman et al 2001).

Central & South America

Amphibian populations in the Monteverde region of Costa Rica underwent a severe crash in 1987,
this event led to the high-profile presumed extinction of two species, the golden toad and the
harlequin frog (Pounds & Crump 1994), as well as declines in multiple other species (Pounds et al.
1997). Researchers postulated that temperature or moisture stress, or a pathogen, might be
interacting with climate disturbance from a particularly strong El Nino event, to cause the alarming
declines (Pounds & Crump 1994, Pounds et al. 1997, Ron et al. 2003). Later examination of
specimens collected in 1986 from Braulio Carrillo National Park in Costa Rica confirmed the
presence of chytrid fungus (Puschendorf et al. 2006a). A large-scale mortality of several species of
stream-dwelling frogs observed in Las Tablas, Costa Rica and Fortuna, Panama in 1993 and 1994,
these frogs exhibited the diagnostic features of infection by the keratin-attacking chytrid fungus
(Lips 1998, 1999). Similar declines and possible extinctions have occurred in Honduras
(Puschendorf et al. 2006b), and the disease has also been detected in Guatemala, where several
species have experienced “catastrophic” declines (Mendelson et al. 2004). More recently the disease
has been detected in El Salvador in two frog species, one of which is critically endangered (Felger et
al. 2007).

Chytrid infection has struck frogs along the spine of the Andes, and may be a factor in the

extinction of several species in genus Telmatobius, a group whose various species live in isolated high
mountain streams in the Andes. Many Telmatobius were rare or endangered prior to the arrival of
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chytrid fungus (Barrionuevo & Mangione 2006). In 1989, the disease was detected in T. niger, a
species that was once widespread in Ecuador. That species has not been seen since 1994 and is now
presumed extinct (Merino-Viteri et al. 2005). T. marmoratus, which lives in the high mountains of
Peru, is also in decline, with chytrid fungus as one potential cause (Seimon et al. 2005). In 2006, Bd
was reported from two species of endangered Argentinean frogs (Telmatobius atacamensis and T.
pisanoi) (Barrionuevo & Mangione 2006).

Chytrid fungus has probably played a role in the disappearance of several species of the brightly
colored Atelopus toads (also called harlequin frogs) in the Venezuelan lowlands (Bonaccorso et al.
2003) and Andes (Lampo et al. 2006) and Ecuador, where the apparent extinction of the Jambayo
toad (Atelopus ignescens) followed a warm, dry year in 1987 (Ron et al. 2003). A recent comprehensive
survey of this genus found that this group has declined more severely than any other group of
amphibians: 42 out of 113 putative species have declined by half and 30 species have not been seen
since 1996 and are feared to be extinct (La Marca et al. 2005). These researchers also did a
breakdown by country: 100% of Costa Rica’s harlequin frogs were declining, 50% in Panama, 27%
in Colombia, 58% in Ecuador, 11% in Peru 90% in Venezuela and 25% in French Guiana. Chytrid
fungus has been documented in nine declining species and is suspected in others, particularly since
many species are declining in protected areas where habitat loss is not thought to be a factor (La
Marca et al. 2005).

Chytridiomycosis has been detected across a broad range of locations and altitudes in the Brazilian
Atlantic rain forest (Carnaval et al 2006). While the disease has not yet been definitely linked to
declines and extinctions, at least 20 species of Brazilian frogs and toads have undergone alarming
population declines in recent years, and several of the species of concern are montane stream-
dwelling species that have elsewhere been particularly vulnerable to chytrid fungus (Eterovick et al.
2005).

Caribbean

Chytrid fungus was first reported from the Caribbean in 2004 (Burrowes et al. 2004). At least three
species of high-elevation dwelling frogs are presumed to have gone extinct in Puerto Rico over the
past thirty years. Higher-elevation populations of six other endemics are in decline, and the fungus
may be a factor in these declines and extinctions (Burrowes et al. 2004). More recently, the disease

26



was found in a dead toad in Cuba, and may prove to be an emerging conservation challenge there
(Diaz et al. 2007).

Europe

Chytridiomycosis was first detected in Europe in 1998, following the importation of infected frogs
from Costa Rica and French Guayana (Mutschmann et al. 2000). By 1999 the disease caused an 86%
crash in populations of Spain’s common midwife toad; similar to patterns elsewhere, the declines
took place in protected areas that had undergone very little change in habitat (Bosch et al. 2001). In
2004, the fungus was detected in a wild population of introduced bullfrogs in a pond in southeastern
Britain (Cunningham et al. 2005). The extent of the disease’s spread and the impacts on native
British amphibian fauna are not yet known. Amphibians also tested positive for the disease in
Portugal, Switzerland (Garner et al. 2005) and Italy (Simoncelli et al. 2005).

The Climate Connection

Climate disturbance, particularly extremely dry El Nifio events, was proposed early on as a factor in
the disappearance of the golden toad and the harlequin frog from their cloud forest habitats in Costa
Rica (Pounds & Crump 1994). At first glance, however, it would appear that global warming would
hinder the chytrid fungus rather than act synergistically with it. Optimal temperatures for the growth
of the fungus occur between 6°C and 28°C (Bradley et al. 2002). The fungus is more pathogenic at
moderate temperatures: for instance 100% of experimentally infected frogs died when held at 17°C
and 23°C, but only 50% of frogs died at 27°C (Berger et al. 2004). In Australia, chytridiomycosis is
more likely to be present at sites where the summer temperature is below 30°C (Drew et al. 2006)
and the disease is more prevalent in early spring than in late summer and fall (Kriger & Hero 2006).
Infected frogs held at 37°C for fifteen hours are “cured” of the disease (Woodhams et al. 2003)

High temperatures actually inhibit the development of the fungus and increase the rates at which
amphibians slough off their skin cells; thus high temperatures prevent the fungus from completing
its life cycle before the infected cells are shed (Berger et al. 2005). One might expect, therefore, that
warming temperatures might slow or halt the disease. However, as with many issues involving
climate change, the story of how the fungus and host interact in the real world is more complicated
than simply an effect of temperature.
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One set of researchers believes that they have found the answer to this apparent paradox. J.Alan
Pounds and colleagues have noted that in the middle elevations of the mountain regions of Central
and South America, where disease-related dieoffs have been particularly severe, one of the main
manifestations of climate change is an increase in cloud cover. This increase is moderating the
temperatures at the middle elevations: raising the night time temperatures and lowering the daytime
temperatures. At low elevations, daytime highs are still high enough to kill off the fungus, especially
in sunny spots on the forest floor. At the highest elevations, night time temperatures are still low
enough to inhibit the fungus. But at the middle elevations, cloud cover has moderated both the
daytime and nighttime temperatures, with both periods thereby “shifting towards the growth
optimum for these pathogens” (Pounds et al. 2006).

Climate conditions in Spain may also be changing in ways that favor the fungus. For instance, the
number of days that fall within the most favorable conditions (21-27°C) have increased, while the
number of days hot enough to to inhibit it has not (Bosch et al 2007). Changes in humidity, night
time temperatures and shorter and milder winters might also be favoring the fungus (Bosch et al.
2007).

It has also been observed that sharp amphibian declines in Ecuador (Ron et al. 2003) and Puerto
Rico (Burrowes et al. 2004) were preceded by droughts. The apparent interaction between drought
and amphibian die-offs led scientists to speculate about another way that the disease is interacting
with a changing climate: chytrid fungus may interfere with the animals’ ability to withstand drought.
As mentioned above, one of the areas that often shows damage to the skin from the fungus is the
pelvic patch, a small but critically important area of skin that helps the animal control absorption of
water (Berger et al. 1998). Some researchers have suggested that frogs can survive this damage
during wet periods. During drought when the animals need a functioning pelvic patch in order to
absorb water from dew (Pough 1983), and under these conditions the fungal damage may prove
fatal because it interferes with this vital function (Burrowes et al. 2004). Increased incidence of
drought is one “likely” forecast outcome of anthropogenic climate change (IPCC 2007). If this
mechanism of action proves true, chytrid fungus may cause future declines in species and areas that
have not yet experienced high levels of mortality from the fungus.

28



Researchers in Australia found that multiple-year warm trends were more likely than single-year
warm periods to presage amphibian declines, and suggest that warming might stress amphibians in
ways that make them more susceptible to infection (Alford et al. 2007).

Helping Wildlife Adapt to Chytridiomycosis and Climate Change

Focus monitoring and conservation efforts on vulnerable species and habitats. The chytrid fungus has caused
amphibian populations in far-flung regions of the world to plummet towards extinction. To prevent
further species from suffering the same fate, it will be critical to monitor amphibian population
health, with particularly focus on montaine streamside habitats that are most at risk (Kriger & Hero
2007). Intensive interventions such as capture, fungicide treatments and captive breeding may be
necessary to prevent further extinctions (Young et al. 2007).

Clean fishing, recreation and research practices. While the chytrid fungus is adapted to aquatic dispersal, the
spore is also capable of surviving for several hours in a dry environment and up to three months in a
moist environment like mud (Johnson & Speare 2005). The fungus can thus potentially be spread via
recreational equipment (boats, boots, fishing gear) and research equipent (Corn 2007). “Clean”
campaigns directed at other aquatic nuisance species like zebra mussels and hydrilla have raised
awareness of the need to clean and dry recreational equipment before transport to new locations

(see, for instance www.protectyourwaters.net). These same protocols might also help slow the

spread of aquatic-borne diseaseses like chytrid fungus (Corn 2007).

Reduce the threat from release or transport of infected amphibians. Chytrid fungus was able to spread around
the world from its area of origin in southern Africa because of wide-scale trade, transport and
release of one of its hosts, the African clawed frog. Release of infected captive animals continues.
Fungal spores can also find their way into new habitats via release of water that housed infected
captive frogs. International trade in live amphibian imports has reached huge proportions: 28 million
individuals passed through the three largest U.S. ports of entry from 2000-2005; and 62% of
imported bullfrogs were carrying Batrachochytrium dendrobatidis infection (Schoegel et al. 2009). Halting
the spread of the disease will require risk abatement planning to reduce the risk from amphibians in
trade and captivity (Fisher & Garner 2007).
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Reduce other threats, particularly those may act synergistically with chytrid fungus. Disease and climate climate
are far from the only threats that amphibians face world wide. Habitat loss, exploitation, introduced
species, other pathogens, ultraviolet-B radiation and a range of pollutants and toxins also take their
toll on amphibians (Collins & Storfer 2003, Bancroft et al. 2008). All these threats must be abated if
amphibians are to survive the climate change and disease bottleneck.

30



Chapter 4. Harmful Algal Blooms

Harmful algal blooms and red tides are emerging as widening conservation threats. These
phenomena diverge somewhat from the pattern of other diseases discussed here-- they are not
communicable diseases, like malaria or west Nile virus. Nevertheless, their pervasive and dangerous
consequences threaten oceans, estuaries, and vulnerable species in ways that are roughly comparable
to other diseases discussed here. Harmful algal blooms share other features with diseases: they are
caused by tiny organisms proliferating out of balance, they are deadly to a wide array of species of
fish and other creatures, and their effects are exacerbated by human activities on the landscape, most
notably pollution, but increasingly climate change as well.

Organisms and their Life Cycles

Harmful algal blooms inflict damage on aquatic and marine ecosystems in two major ways: 1) they
directly harm other species through the production of toxins, or simply through their physical
structure, particularly spines; and 2) their proliferation and decomposition results in dangerous levels
of oxygen depletion in the surrounding waters (Gilbert et al. 2005). Two very distinct types of
organisms, cyanobacteria and dinoflagellates, are responsible for most harmful algal blooms. A third
group, the diatoms, also has some members with toxic properties.

Cyanobacteria

Sometimes referred to as blue-green algae, cyanobacteria are actually a type of bacteria, one of the
most simplest types of living thing, with a very simple cell structure. Unlike true algae, which are
more closely related to plants, cyanobacteria cells lack a nucleus, chloroplasts, mitochondria and
other organelles. Cyanobacteria are widespread and important, and are found in more types of
environments than any other living thing: various species live on bare rock, soil and volcanic ash;
from freshwater to marine to extremely salty environments; and from arctic streams to hot springs

where no other organisms can live (Chorus & Bartram 1999).

In addition to their ubiquity, Cyanobacteria play important ecological roles. They perform
photosynthesis by way of chlorophyll and a bluish pigment called phycocyanin, from which they get
their name. In fact, photosynthesis is thought to have evolved in an ancestor of this group (Knoll
2008). Cyanobacteria are also responsible for nitrogen fixation, the conversion of nitrogen from its
unusable form in the atmosphere into a compound that plants can use to build proteins and other
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structures (Knoll 2008).

A number of blue-green algae produce compounds called cyanotoxins. These pose health threats to
humans and wildlife that are exposed via ingestion or skin contact. Three overarching categories of
cyanotoxins are recognized: hepatotoxins (microcystins and nodularin), which cause damage to the
liver; neurotoxins (anatoxins, saxitoxins and others), which damage the nervous system; and irritants
called lipopolysaccharides (Chorus & Bartram 1999). Many species can produce more than one
toxin, and blooms often consist of multiple species. Common harmful cyanobacters listed by the
Centers for Disease Control include: Microcystis aeruginosa, Anabaena circinalis, Anabaena flos-aquae,
Aphanizomenon flos-aquae, Cylindrospermopsis raciborskii. There are numerous incidences of people
becoming ill with gastrointestinal symptoms, rashes, ear infections and respiratory infections after
swimming or canoeing in lakes with algal blooms, and on at least one occasion sheep died after
drinking water tainted with neurotoxic cyanobacters (Chorus & Bartram 1999).

Dinoflagellates

Usually referred to as red algae or brown algae, dinoflagellates are also single-celled organisms.
However, they are protists rather than bacteria: they have much more complicated cell structures,
and so are more similar to plants and animals. These single-celled organisms have features associated
with both plants and animals. Like plants, they possess cell walls and convert the sun’s energy into
chemical energy via photosynthesis. But unlike plants, they can also move using a pair of whip-like
flagellae. Some, like Karlodinium, produce toxic substances to deter predators (Adolf et al. 2006).
Other species are themselves predatory, and may use toxins to “stun” their prey. Through direct
exposure, or via bioaccumulation by unaffected predators, these compounds can damage the
nervous systems and livers of shellfish, fish and humans. Some of the more commonly occurring

toxins that affect people include brevetoxins, saxitoxins, ciguatoxins, okadaic acid and domoic acid.

Brevetoxins are produced by Karenia brevis, one of the most common causes of red tides in Florida.
Shellfish feed on the dinoflagellates and accumulate the toxin, which does not harm them but can be
concentrated to levels that cause neurotoxic shellfish poisoning in anyone who eats affected oysters,
clams or other shellfish (Baden 1983). Brevetoxins disrupt the function of electrical impulses
between nerve cells by “activating” sodium channels and altering the flow of sodium and calcium in

and out of cells. Symptoms in humans include gastrointestinal problems, “pins and needles” tingling

32



sensations, and sensations of vertigo, weakness, and lack of coordination (Morris et al. 1991). K.
brevis cells also have fairly weak cell walls, so the cells can break apart at the surface of the water; the

toxins can become airborne, causing eye irritation and coughing.

Saxitoxins operate in the opposite manner of brevetoxins; instead of “activating” sodium channels,
they are sodium channel blockers. Blocking of sodium movements in and out of cells halts nerve
transmissions, causing a condition called paralytic shellfish poisoning. While some saxitoxin
poisoning symptoms are similar to brevetoxin symptoms, paralytic shellfish poisoning is
considerably more dangerous, since the respiratory functions can be paralyzed leading to death by
asphyxiation (Ahmed 1991). Saxitoxins are produced by Alexandrium fundyense, which forms algal
blooms in the Gulf of Maine. More recently the toxin was discovered in Pyrodinium bahamense
dinoflagellates from the Indian River Lagoon in Florida, after pufferfish from this water body were
implicated in saxitoxin poisoning in humans (Landsberg et al. 2006).

Diarrhetic Shellfish poisoning is caused by a compound called okadaic acid produced by the
dinoflagellates Dinophysis acuta and D. acuminata. These dinoflagellates are more common in
European waters but have been detected in the Atlantic near Canada. Okadaic acid exposure causes
an acute but rarely serious gastrointestinal illness; of more concern is its apparent role as a promoter
of tumor growth (NOAA undated).

Yet another of the harmful dinoflagellates is Pfisteria piscicida, which emerged in the 1990s as a
potential cause of fish lesions, kills and human illness in estuaries along the eastern seaboard
(Burkholder et al. 1992, Steidinger et al. 1996). Watermen working near Pfiesteria fish-kills
demonstrated decreases in cognitive and visual function; these symptoms were triggered by airborne
exposure rather than ingestion of fish, and improved after detoxification therapy (Hudnell 2005).
The exact nature of the toxin involved remained elusive for several years, and turned out to be
different from any of the others described above. It was recently identified as a complex, rapidly
dissipating organic compound containing copper, which induces free-radical damage in cells
(Moeller et al. 2007).

Diatoms
Diatoms are a separate group of single-celled algae, characterized by “pillbox™ shells of silicon

33



dioxide. Like cyanobacteria and dinoflagellates, they are a widespread group containing multiple
species adapted to many environments. Unfortunately the similarities do not end there: this group
also contains toxin-producing members. In particular, diatoms of genus Pseudo-nitzschia produce a
neurotoxin called domoic acid, which accumulates shellfish and fish. Ingestion of tainted seafood
causes amnesic shellfish poisoning, so called because it can cause permanent memory loss. A 1987
outbreak associated with mussels caused three deaths in Prince Edward Island, Canada, and
outbreaks on the West Coast closed Washington State’s razor clam fishery for a year at a time in
1991, 1998 and 2002 (WDFW 2003).

The Conservation Threat

Harmful algal blooms threaten aquatic and marine ecosystems and wildlife through the creation of
hypoxic conditions, and also through the toxins they produce. Hypoxia refers to the severe
reduction in the amount of oxygen dissolved in the water associated with blooms of any type of
algae. Algal blooms produce oxygen when they are alive and photosynthesizing, but most of this
oxygen stays in the warmer, well-lit surface waters. When the algae die, they sink to the bottom,
where the water is colder, darker, and in coastal areas, saltier. In summertime, these two layers of
water do not mix except in unusual circumstances, like a strong storm system. As the algae
decompose, the oxygen in this bottom layer gets used up by the bacteria breaking down the algae.
Since there is very little photosynthesis going on in the darker bottom layer, and very little mixing
between the upper and lower layers, oxygen levels quickly plunge to levels that cannot sustain fish,
crabs and other organisms. Mobile animals like fish tend to leave the area, while more sessile
creatures are killed outright, hence the term “dead zone.” Dead zones form in Lake Erie the
Chesapeake Bay, Gulf of Mexico, and elsewhere.

While the most direct impacts of hypoxia may be confined to the benthic zone of the affected
waters, the full effects of harmful algal blooms are felt much more broadly, even among mobile
animals that might escape the direct effects of oxygen reduction in the dead zone. For instance, a
2007 bloom of the dinoflagellate Karlodinium in a Chesapeake Bay tributary killed over 300,000 fish,
probably through a combination of toxins and oxygen depletion (Blankenship 2007). Karlodinium is
particularly insidious because its toxins attack the gills, rendering fish less able to survive oxygen
depletion. Karlodinium may even be the ultimate cause of fish kills attributed to Pfiesteria, with the
latter acting in concert or feeding opportunistically on dead and dying fish (Greer 2007).
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For birds and marine mammals that are less vulnerable to aquatic hypoxia, toxin exposure is the
bigger threat. Cyanobacterial toxins, particularly microcystins and anatoxin-a, have been implicated
in the deaths of over 50,000 lesser flamingos in Kenya (Kotut et al. 2006). Mortalities of great blue
herons in Maryland (Driscoll et al. 2002) and alligators and white pelicans in Florida (Burns et al.
2002) have also been linked to cyanotoxins. However, the majority of toxin outbreaks impacting
wildlife can be attributed to dinoflagellates or diatoms. These are of particular concern for marine
mammals, a group that includes a number of rare and threatened species. The compounds involved
are for the most part the same as those which cause human iliness, as described above.

Brevetoxin accumulates on sea grasses and in fish, reaching concentrations sufficient to harm and
kill the marine mammals at the top of the food chain (Flewelling et al. 2005). The toxin binds to the
brains of manatees, gray whales, humpback whales, and sea lions in much the same way as in human
brains, so the toxic impacts follow much the same pathway (Trainer & Baden 1999). Bottlenose
dolphins have experienced mass mortalities due to brevetoxin: the Florida panhandle saw 152 deaths
in 1999-2000 (Mase et al. 2000) and 107 deaths in a two-week period in 2004 (Flewelling et al. 2005).

The deaths of 39 endangered manatees in the lower Caloosahatchee River in 1982 coincided with a
Karenia brevis (at the time called Gymnodium breve) that also killed large numbers of fish and double-
crested cormorants (O’Shea et al. 1991). In 1996, 149 manatees died during a K. brevis red tide. The
affected animals showed inflammation and lesions of the nasal passages, lungs, liver, kidneys and
brains, consistent with chronic brevetoxin poisoning (Bossart et al. 1998). Brevetoxin may be
responsible for 17 percent of the annual mortality in manatees (Baskin 2006), and is considered to
be one of the major threats to this federally listed endangered species numbering just 3300
individuals (USFWS 2007). Strandings of sea turtles also increase during red tide events;
investigations have revealed that dead turtles show elevated levels of brevetoxin and live turtles
display symptoms of brevetoxicosis (Redlow et al. 2002). The affected turtles include two federally
threatened species, the loggerhead turtle and the green turtle, and one federally endangered species,
the Kemp’s ridley turtle. The 1999 red tide event may also have virtually eradicated a rare pygmy
octopus from one of only four locations where it is found in Florida (Tiffany et al. 2006).

Saxitoxin, the cause of paralytic shellfish poisoning, binds to marine mammal brains along similar
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pathways as in humans (Trainer & Baden 1999). Fewer poisonings have been attributed to this
compound; however, the incidents that have been recorded are disturbing. An unprecedented
stranding of 14 federally endangered humpback whales occurred on Cape Cod over a six-week
period in late 1987. Examinations revealed that the whales had consumed mackerel whose livers
were contaminated with saxitoxin, probably acquired on feeding grounds in the Gulf of St
Lawrence (Geraci et al. 1989). The single animal observed while still alive deteriorated to a terminal
condition within a 90-minute period, its rapid death consistent with the respiratory syndromes of
saxitoxin poisoning. Saxitoxin has also affected several bird species, including shag, northern fulmar,
great cormorant, herring gull, common tern, common murre, Pacific loon and sooty shearwater
(USGS 1999). Sublethal saxitoxin exposure may also contribute to reproductive failure in
endangered North Atlantic right whales, which number fewer than 400 individuals (Reeves et al.
2001, Doucette et al. 2006).

Paralytic shellfish poisoning is also suspected in massive die-offs of penguins following an HAB
event in the Falkland Islands in 2002-2003 (Uhart et al. 2004). Populations of gentoo and
rockhopper penguins, which had been increasing, suffered a serious blow from this outbreak. While
exact mortality was not directly assessed, long-term monitoring of the population revealed that the
outbreak probably killed about 95,000 gentoo penguins and 176,000 rockhopper penguins, negating
nearly a decade of recovery for both species (Huin 2007).

Okadaic acid, the cause of diarrhetic shellfish poisoning in humans, has not been implicated in any
mass strandings or mortalities. However, the compound is known as a tumor promoter and a
suppressant of testosterone production (Asada et al. 2001). Therefore, the effects of long term
exposure may be of concern, particularly since it has been detected in Australia in the feeding
grounds of the dugong and green turtle, two species of conservation concern (Takahashi et al. 2007).

A 2007 mass stranding of migrating fulmars, grebes, loons and surf scoters in Monterey Bay
highlighted a newly heretofore unknown danger from dinoflagellate blooms. Nearly 300 birds died
and hundreds more were stranded following a large outbreak of Akashiwo sanguinea. The bloom
produced a slimy yellow protein film that coated the birds and acted as a surfactant, reducing the
birds’ buoyancy and insulation. This was the first recorded instance of such a phenomenon from a
dinoflagellate bloom (Jessup et al. 2009).

36



Domoic acid, the toxin produced by diatoms that causes a form of memory loss called amnesiac
shellfish poisoning, also impacts a number of wildlife species. In 1961 in Capitola, California,
hundreds of sooty shearwaters, which are rarely seen on land, crashed into windows and streetlights.
This incident, which probably inspired Alfred Hitchcock’s movie “The Birds,” is now thought to
have been resulted from domoic acid poisoning caused by urea leaking from septic tanks (Coombs
2008). In 1998, over 400 sea lions stranded and died on the California coast during a Pseudo-nitzschia
australis bloom. Many other sea lions showed neurological problems. Another stranding of 184
animals occurred in 2000. Symptoms in both cases included seizures, listlessness, head waving, and
scratching behavior (Gulland et al. 2002). Researchers concluded that the toxic diatom, eaten by the
sea lions via anchovies, caused the illness and deaths (Gulland 1998, LeFebvre et al. 1999, Scholin et
al. 2000). Domoic acid exposure has recently emerged as a potential threat to federally threatened
sea otters. It was reported for the first time in 2003 as the cause of death in 5% of the deaths of
southern sea otters recorded from 1998-2001 (Kreuder et al. 2003). The toxin causes inflammation
of the heart in otters (Kreuder et al. 2005).

Domoic acid outbreaks appear to be increasing in frequency and virulence. The worst outbreak to
date occurred in 2007, killing a wider than ever array of species than ever seen before: seals, sea
otters, dolphins, a sperm whale, a minke whale, and large numbers of birds, including grebes, gulls,
cormorants, American avocets, loons and endangered California brown pelicans. Pelicans literally
fell out of the sky after suffering seizures during flight. International Bird Rescue Research Center
director Jay Holcomb says, “In my opinion, domoic acid is the new DDT. If the effects of [domoic
acid] poisoning are cumulative in the brain, and we don’t know that yet, it could have serious
consequences on the population of California Brown Pelicans. As of this point, we just don’t know”
(IBRRC 2007).

Domoic acid also persists in the food chain following an algal bloom, so strandings can occur after
the bloom subsides (Gulland et al. 2002). In pregnant female sea lions, sublethal exposure to the
domoic acid has been linked to reproductive failure, premature birth, and increased risk of epilepsy
in surviving offspring (Brodie et al. 2006, Ramsell & Zabka 2008, Goldstein et al. 2009). The toxin
also can be transferred to offspring via milk, albeit in small quantities, posing a potential additional

37



chronic risk risk to young (Maucher & Ramsdell 2005). It is not yet known whether similar effects

occur in sea otters or other imperiled marine mammals.

The Climate Connection

Multiple factors are involved in the proliferation of harmful algal blooms. One key cause is excess
fertilization. Nitrogen and phosphorous are key limiting nutrients in aquatic systems, inputs of these
elements stimulate excess growth of many kinds of algae. Nitrogen and phosphorous are key
components of human and animal wastes, and are important fertilizers on land as well. Thus, they
enter rivers and estuaries from many sources: improperly treated sewage, fertilized lawns and golf
courses, and agricultural runoff, both from fertilized fields and animal waste (Carpenter et al. 1998).
Discharge of untreated ballast water provides a means for organisms to move into new areas.

Overharvesting of fish and shellfish that would keep plankton populations in check also plays a role.

While all these factors are important in promoting algal blooms, climate change is also exacerbate

the problem in a number of ways.

Long-term changes in water temperatures may allow tropical species of toxic algae to broaden the
seasonality of their activity or to expand their ranges into temperate zones and beyond. Karenia brevis,
for instance, is limited by water temperatures, growing much more slowly at 15°C than at higher
temperatures (Magana & Villareal 2006). Saxitoxin-producing Alexandrium catenella also grows faster
at temperatures greater than 13°C (Nishitani & Chew 1984) and is predicted to move up the Pacific
coast in coming years (Moore et al. 2008). Other dinoflagellates with toxic properties also show
affinity for warm waters, and the fossil record demonstrates that they had wider ranges in warmer
periods (McMinn 1989).

In addition to promoting harmful algal blooms, waters warmed by climate change may also magnify
their detrimental effects on organisms, especially those sensitive to oxygen depletion. Warmer waters
are also more likely to experience anoxic conditions because 1) warm water holds less dissolved
oxygen; and 2) oxygen demand increases under warm conditions as organisms’ metabolism increase
(Stanley & Nixon 1992, Buzzelli et al. 2002).

Climate change might affect cyanobacteria blooms in freshwater in some unique ways. First, while
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warmer water temperatures promote increased growth of many types of algae, Cyanobacteria appear
to get more of a boost from water temperatures over 25°C than other types of algae; therefore at
very warm water temperatures they are more likely to outcompete less harmful species (Paerl and
Huisman 2008). Second, climate change can tip the balance in favor of cyanobacteria in freshwater
lakes by extending the season in which a stable layer of warm water forms on the top of the lake. If
the waters are turbulent, the various algae species get mixed around, but when the water is stagnant
for a long period, the tiny cyanobacteria float to the top and therefore also get a sunlight advantage
over larger-celled species. During the summer 2003 heat wave in Europe, incidence of Microcystis
blooms increased, probably due to the interaction of these two phenomena (Johnk et al. 2007).
Ocean waters can also stratify in warm conditions. This may confer an advantage upon
dinoflagellates because their ability to swim allows them to travel to lower waters to obtain nutrients,
whereas immobile forms of phytoplankton are stuck at the surface where nutrients may be limited
(Moore et al. 2008).

Climate change may alter the dynamics of harmful algal blooms in other complicated ways. For
instance, the IPCC predicts an increase in heavy precipitation events (“very likely”) as well as an
increase in incidence the area under drought (“likely”) (IPCC 2007). Intense precipitation events are
associated with large flows of runoff and associated pulse of nutrient input. In many municipalities
combined sanitary and storm sewer systems are periodically overwhelmed by large precipitation
events, resulting in release of raw sewage along with the rest of the runoff. Large pulses of nitrogen
and phosphorus promote the growth of harmful algal blooms; however, the effect of large storms
might be offset somewhat by the mixing effect and increased turbidity that result. Shifts in snowmelt
timing might also send nutrients downstream earlier in the year, and the effects these changes are
not known (Moore et al. 2008).

Climate change will also alter wind patterns. Since wind-driven nutrient upwellings are another
important source of nutrients for algal blooms, changes in the strength and location of upwellings
may alter the type, location and size of algal blooms (Bakun 1990, Moore et al. 2008). Increased area
in drought condition might also contribute to algal blooms by promoting the formation and
transport of dust containing iron, which is an important micronutrient in algal bloom formation
(Martin & Fitzwater 1988, Hayes et al. 2001).
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Finally, the world’s oceans function as an important carbon sink, absorbing carbon dioxide from the
atmosphere. Carbon dioxide in solution forms an acid, and oceans have become 0.1 pH units more
acidic since the beginning of the industrial revolution (IPCC 2007). Continued acidification of the
ocean could inhibit the growth of phytoplankton species that have shells of calcium carbonate,
which dissolve in acidic conditions. More acidic oceans would favor those organisms which do not
have calcium carbonate shells, including the harmful dinoflagellates (Moore et. al. 2008).

Helping Wildlife Adapt to Climate Change and Harmful Algal Blooms

Reduce the nutrient load on coastal waters. The links between pollution and algal blooms are well
established, and one of the best ways to halt harmful algal blooms is to reduce the amount of
nitrogen and phosphorus that wash downstream into estuaries and coastal waters. Improvements are
needed to municipal storm and sanitary sewage treatment. Better timing and targeting of fertilization
of farm fields, golf courses and lawns will also help reduce nutrient loads, as will widespread
adoption of best management practices to contain livestock waste.

Reduce overharvest of fish and shellfish species. Overfishing is one of the oldest and most pervasive human
impacts on aquatic and marine ecosystems, and it may be an important driver of ecological change in
these systems; specifically, removal of species at the top of the food chain leads to a population
explosion lower down the food chain (Jackson et al. 2001). Since even the algae considered most
toxic are tolerated and eaten by certain species of fish and shellfish, bringing overfishing and
overharvest to a halt will moderate the impacts of algal blooms.

Enact Ballast Water Controls to halt the spread of harmful species. Ballast water from cargo ships is an
important vector for a wide array of aquatic invasive species; for instance, zebra mussels entered the
Great Lakes ecosystem via ballast water. There is also evidence that ballast discharges have played a
role in moving harmful bloom-forming dinoflagellates into new ranges (Bolsch & de Salas 2007). As
climate changes create favorable conditions for harmful tropical species in temperate latitude,
keeping those species out becomes even more important. Enactment of stringent, uniform
performance standards for ballast water treatment will help protect aquatic and marine ecosystems

from multiple invasive species.
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Improve research, monitoring, coordination and veterinary techniques. Harmful algal blooms affect wildlife
health, public health, fisheries, tourism, recreation and local economies. Because of their wide range
of impacts, a variety of state and federal agencies as well as private entities engage in research,
monitoring and response to bloom events and wildlife mortalities. However, as climate change alters
bloom dynamics and potentially exposes more wildlife species to toxin risk, more research,
monitoring, and rapid response will be needed (Gaydos 2006). In particular, veterinary techniques
and treatments to reduce wildlife mortality have been developed for certain species; their
applicability to other species should be investigated, and rapid response protocols should be
developed and disseminated.

Adopt a precautionary approach toward climate change mitigation proposals that involve promotion of algal blooms.
One proposal to help mitigate climate change involves promoting algal blooms by “fertilizing”
stretches of open ocean with iron, mentioned above as an important limiting nutrient. Under this
scenario, the resultant algal blooms would take up large amounts of carbon dioxide, before dying
and sinking to the bottom, effectively locking up the carbon on the ocean floor (WHOI 2003).
Other research has called into question the efficacy of this “geo-engineering” approach (Watson et
al. 1994). Even more problematic, one of the species that responds best to this approach is the
domoic acid-producing Pseudo-nitzschia. Any assessment of this geo-engineering technology would
have to include potential impacts to wildlife and fisheries resources from elevated toxicity (Marchetti
et al. 2008).
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Chapter 5. Coral Reef Diseases

One of the most important features of coral reefs is the symbiotic nature of their inhabitants. Corals
are primitive animals related to jellyfish. Each individual coral is a tiny polyp, a very simple organism
consisting mostly of a stomach topped by a tentacle-bearing mouth and surrounded by a calcium
carbonate exoskeleton that it secretes. Thousands of identical polyps live colonially together, each
embedded in the calcium carbonate exoskeleton matrix, which over long periods of time forms the
structure of the reef. The coral animals use their tentacles to sting and ingest plankton and other

small creatures.

But the corals themselves are only part of the story. The corals ingest, but do not digest, tiny algae
called zooxanthellae. Zooxanthellae are single-celled dinoflagellates — members of the same large
and diverse group that includes some red-tide forming organisms - that are capable of
photosynthesis. The zooxanthellae live inside the stomach cavity of the coral, together in a symbiotic
relationship. The coral provides the algae with carbon dioxide, the essential building block of
photosynthesis, important nutrients like nitrogen and phosphorus, as well as a protected place to live
and reproduce. In turn, the photosynthetic action of the zooxanthellae provides the coral with up to
90% of its energetic requirements, as well as oxygen, a by-product of photosynthesis.

Because of this unique relationship, coral reefs are tremendously productive even in nutrient-poor
waters. In fact, in waters that are enriched with nitrogen and phosphorus—for instance, near river
outlets—other types of algae quickly outcompete the coral. Coral reefs are found exclusively in clear,
shallow waters where enough light reaches the bottom to enable photosynthesis. Furthermore,
corals have a fairly narrow water temperature tolerance range, about 18°C to 30°C (Harvell et al.
2007).

Vast numbers of organisms feed, shelter or live in association with coral reefs. Australia’s Great
Barrier Reef, for instance, contains 350 species of hard corals and 1500 species of fish; huge
numbers of sponges, anemones and other invertebrates also live in association with reefs. While
there has been no comprehensive inventory of the number of species that live on coral reefs, the
number almost certainly exceeds 93,000, or five percent of the world’s known species, and may up
to ten times that (Reaka-Kudla 1996). Given that coral reefs only account for about one-tenth of
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one percent of the world’s area, this represents a remarkable concentration of species.

The structure, biodiversity and sheer beauty of coral reefs provide enormous ecological and
economic benefits. By one estimate, the world’s coral reefs provide annual economic benefits
totaling $29.8 billion, through tourism and recreation ($9.6 billion), coastal protection ($9.0 billion),
fisheries ($5.7 billion), and biodiversity ($5.5 billion) (Cesar et al. 2003). Unfortunately, 27% of the
world’s coral reefs have been destroyed by overexploitation, pollution, sedimentation and disease.
Worse, another 30% may be lost in coming years (Cesar et al. 2003). And the loss of coral reefs has
negative consequences for biodiversity: for instance, in the Caribbean, where coral cover has
decreased by 80% since the 1970s, populations of reef fish have plummeted by 32 to 72% (Paddack
et al. 2009). Evidence is mounting that climate change is exacerbating the threats to coral reefs,

particularly the various diseases ravaging these unique environments.

Coral diseases

The disease pathology of coral reefs is incredibly complicated, due to the huge array of coral species
and the multiplicity of diseases affecting them. In the Caribbean alone, 20 different diseases have
been described, affecting 45 species of hard and soft corals, sponges, and other reef organisms
(Harvell et al. 2007). Making matters even more difficult, causative agents have been definitively
identified for only a small subset of the diseases whose symptoms have been observed. Those that
have been identified span a wide array of organisms: viruses, bacteria, cyanobacteria, protozoans and
fungi (Harvell et al. 2007).

Given these uncertainties, most coral diseases are referred to according to the description of their
visible symptoms: white band, yellow blotch, dark band and others. Some of the more important
and widespread coral diseases include:

Coral bleaching is the most serious global disease threat to corals (Harvell et al. 2007). Bleaching
occurs when the zooxanthellae algae vacate their places within the coral structure. As the coral
animals themselves are transparent, the loss of the brightly colored algae leaves the skeletal calcium
carbonate structure visible, leading to the bleached appearance. The coral can survive for short
periods by way of their predatory behavior, but because the photosynthetic action of the
zooxanthellae provides such a large portion of their energy, they will eventually die if they do not re-

43



establish their dinoflagellate flora. The mechanisms of coral bleaching are not well understood, but
there are several leading hypotheses. Rising sea temperatures might directly cause coral bleaching
(Brown 1997, Jokiel 2004). It has also been proposed that bleaching can present an opportunity,
allowing recombination of corals and algae that may be better adapted to changing conditions
(Buddemeier & Fautin 1993). In several cases, however, bleaching has been attributed to the
presence of Vibrio bacteria, a relative of the causative agent of human cholera. The bacteria
penetrate the coral and multiply, producing a toxin that interferes with algal photosynthesis (Banin et
al. 2000, Banin et al. 2001). This phenomenon of bacterial bleaching has been seen in the
Mediterranean Sea and in the Indian Ocean.

Black Band Disease is one of the most common and widespread coral diseases. In the Caribbean it
affects 19 species of hard coral and 6 species of soft coral (Harvell et al. 2007). In the Great Barrier
Reef National Park it was found in nearly three-quarters of the reefs surveyed (Page & Willis 2006).
It is also found in the Philippines (Sussman et al. 2006) and East Africa (McClanahan 2004).
Infection takes the form of a narrow black band encroaching on living tissue, with the dead white
coral skeletons above. The band's color comes from concentrations of photosynthetic pigments
called phycocyanins that build up in infected tissue. The disease was first described on Caribbean
corals in 1983 and attributed to the cyanobacteria Phormidium corallyticum (Ritzler & Santavy 1983),
though more recent research indicates that several taxa are involved (Frias-Lopez et al. 2003),
including sulfate-reducing bacteria called Desulfovibrio (Viehman et al. 2006). These bacteria are
usually found in oxygen poor environments like lake sediments, where their use of sulfate instead of
oxygen for their metabolism creates the "rotten-egg” smell characteristic of some marshes.
Desulfovibrio does tolerate oxygen, so it can live in the coral environment. But its presence in the coral
creates low-oxygen conditions and a buildup of sulfide byproducts, which kill the coral (Viehman et
al. 2006). Cyanobacteria are likely responsible for red-band diseases of Caribbean corals (Richardson
1992).

White plague and white band are the names given to a set of diseases with similar symptoms; namely, a
spreading lesion of white skeleton. In the white plagues, this is sharply distinguished from apparently
healthy tissue, with no zone of discolored tissue in between, and the white band diseases sometimes
show a bleached band between the healthy tissue and the lesion (Bythell et al. 2004). The various
types are distinguished by which species they infect, how quickly they spread, and the pattern of
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spread exhibited (Bythell et al. 2004). Diseases of branching staghorn and elkhorn (Acropora) corals
are generally termed white band and those on massive species are called white plague. In the
Caribbean, white band has devastated corals that had been building for thousands of years (Aronson
and Precht 2001). White plague 1 and 11 both affect multiple species and start at the base of the coral
and work upwards, but Il progresses much faster than I, at a rate of up to 2 cm per day. White
plague 111 is very fast-acting like 11, but starts in the middle of the coral (Bythell et al. 2004). The
responsible pathogen has been definitively identified for two of these diseases: white plague Il is
caused by the bacteria Aurantimonas coralicida, and white band caused by another member of the
Vibrio family, V. carchariae (Harvell et al. 2007). One or more species of Vibrio bacteria also appear to
be responsible for Porites ulcerative white spot disease, which affects a dozen or so species in the
Philippines (Harvell et al. 2007), as well as yellow blotch/band disease in the Caribbean (Cervino et
al. 2004). Yet another disease in the “white” category is white pox, which causes multiple blotchy
circular lesions on elkhorn corals in the Caribbean and is responsible for 85% loss in coral cover in
affected areas. White pox is caused by Serratia marcescens, a bacteria species associated with untreated
sewage (Patterson et al. 2002).

While most of the diseases described above are bacterial or cyanobacterial, protozoans cause several
diseases as well: skeletal eroding band, found in Australia, resembles black band disease, but is
attributable to Halofolluculina corallasia ciliate protozoans that destroy the limestone skeleton of the
coral (Antonius & Lipscomb 2001). An as-yet-unidentified ciliate appears to be responsible for
brown band syndrome, which is found in the Great Barrier Reef and is similar in appearance to
black band syndrome (Ulstrup et al. 2007). Fungi also cause coral reef disease: Aspergillosis, which
causes purple blotches on several species of sea fans, is caused by Aspergillus sydowii, a member of a
large group of terrestrial fungi that also trigger mold allergies and other infections in humans
(Geisner et al. 1998). Finally, emerging research indicates that viruses may also play a role in coral
reef disease, but their extent and pathology remain uncertain (Davy et al. 2006).

The Climate Connection

The loss of coral reefs is a complicated phenomenon and involves a host of factors. Pollution from
onshore has long been recognized as a significant threat to coral reefs. Sewage effluent, for instance,
damages coral reefs through three major mechanisms: nutrient input, sedimentation and toxic

elements (Pastorak & Bilyard 1985). Agricultural runoff poses similar problems. Nutrient
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enrichment promotes algal blooms in the water as well as the growth of algae on top of the coral
itself. The algae block the light and suffocate the corals. Sedimentation reduces light availability, and
also directly abrades the surface of the corals. And pollutants like PCBs, pesticide residues, heavy
metals and other chemicals are also damaging to corals (Pastorak & Bilyard 1985).

In addition to being detrimental on their own, pollutants can exacerbate the impact of diseases. One
study found that the nutrient enrichment doubled the amount of damage caused by the coral
diseases aspergillosis and yellow band (Bruno et al. 2003). A similar effect has been found for black
band disease (Voss & Richardson 2006).

Overfishing is also a problem, since the main mechanism to keep algae in check is grazing, and
reduced fish stocks allow algae to proliferate even further. Aquaculture and discharge of ballast
water are also hastening the pace at which exotic and potentially damaging species enter new marine
environments.

While all these factors are important, mounting evidence suggests that climate change is exacerbating
the disease threat to corals. The Fourth Assessment IPCC states that “recent warming is strongly
evident at all latitudes in sea surface temperatures over the oceans” (IPCC 2007). Sea temperatures
have already risen by 0.7°C, and are currently the warmest they have been at any time in the past
420,000 years (Hoegh-Guldburg et al. 2007). Other important effects of climate change include
increased incidence of high temperature anomalies, changes in wind patterns, and an increase in

extreme events, and ocean acidification.

The physical effects of climate change worsen coral disease via several mechanisms: 1) thermal stress
to the coral animals and their associated algae; 2) creation of advantageous conditions for the disease
organisms; 3) other impacts from weather events, acidification and altered weather patterns.

Thermal stress to corals. Geographic and seasonal patterns of disease prevalence in corals strongly
suggest that increases in temperature also play important role in disease dynamics.

Disease prevalence increases when approaching the equator: north to south in the Caribbean
(Harvell et al. 2007) and in the southern hemisphere, black band disease increases from south to
north in Great Barrier Reef (Page and Willis 2006).
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The various coral reef diseases also show seasonal trends, with increased disease progression in the
warmer months. Black band disease in the Great Barrier Reef progresses nearly twice as quickly in
the summer months and showed accelerated rates of transmission as well; both warmer
temperatures and increased light availability contributed to the acceleration of the disease (Boyett et
al. 2007). White pox disease also shows a strong seasonal component, with large losses of coral in
the summer months and slight regrowth of the coral during the winter, implying that warmer
temperatures accelerate the disease (Patterson et al. 2002).

There is evidence that unusually warm sea temperatures stress corals and increase their vulnerability
to disease. Coral bleaching, characterized by the loss of photosynthetic algae, intensifies under warm
sea surface temperatures, even in the absence of a pathogen (Brown 1997). For instance, warm sea
surface water temperature anomalies associated with the El Nifio Southern Oscillation (El Nifio)
produce coral bleaching events. A warm water upwelling event in the eastern Pacific in 1982
produced high coral mortality in the Gulf of Panama (Glynn & D’Croz 1990). Similarly, the 1997-98
El Nifio event produced a temperature anomaly increasing the average temperature of tropical
oceans by about 3 degrees C. Major worldwide coral mortality occurred during this high sea surface
temperature anomaly (Sheppard and Rioja-Nieto 2005). During this event, two of the major coral
reef systems in the Indian Ocean suffered roughly 25% mortality from bleaching (Arthur 2000), and
severe and widespread bleaching occurred in the Palau archipelago of the western Pacific (Bruno et
al. 2001). Extensive bleaching occurred in the waters of Belize as well (Aronson et al. 2002).

Another temperature anomaly in 2005 was followed by bleaching of over 30% of a reef colony in
the Virgin Islands; additionally, some of the coral suffered subsequent mortality from white plague
I1, raising the possibility that the thermal bleaching left the coral more susceptible to the disease
(Whelan et al. 2007).

In the temperate coral communities of the Mediterranean Sea, outbreaks of Vibrio coralliilyticus
caused extensive mortality of Paramuricea clavata during climate anomalies that elevated sea level
temperatures; the authors of this study went so far as to title their findings “a new case of emerging
disease linked to climate change” (Bally & Garrabou 2007).
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Thermal stress has also been linked to outbreaks of white syndrome across a large scale (1,500 km
region) of Australia’s Great Barrier Reef, though researchers also found that coral cover was an
important factor in the spread of the pathogen (Bruno et al. 2007).

Recent research has demonstrated one of the mechanisms of thermal stress for Gorgonia fan corals
and other invertebrates in the Mediterranean: warm water temperatures are stressful to corals and
other marine invertebrates in that warmer water holds less dissolved oxygen, so animals must
expend more energy to breathe. Unfortunately, the warm temperatures also increase the
stratification of the water, so plankton, which tend to move to cooler waters, become less available
as a food source. The period of unfavorable summer conditions has been lengthening for a period
of about one day per year since the 1970s, becoming an increasing source of stress for many
members of the marine community (Coma et al. 2009).

Advantages to pathogen. High temperatures also directly benefit the disease organisms. Auratimonas
coralicida, the bacterium that causes white plague Il, shows optimal growth between 30 and 35°C.
Furthermore, higher temperatures also allow the bacteria to thrive in more acidic conditions. This is
important because the outer protective coating of the coral is a mucopolysaccharide layer that has a
low pH. Thus warmer temperatures confer a double benefit to the disease: pathogens are better able
to survive the coral’s defense mechanisms and mount an infection, and they grow faster as well
(Remily & Richardson 2006). Similarly, Vibrio shiloi, the bacteria that causes bacterial bleaching,
adheres to the surface of the coral more readily at higher sea temperatures. Warmer temperatures
allow the bacteria to produce an adhesive compound that helps it burrow through the
mucopolysaccharide layer (Rosenberg and Ben-Haim 2002).

The specifics of high temperatures’ benefit to the disease and the stress to the corals may be difficult
to unravel, and in many cases both factors may be at work. For instance, when corals are inoculated
with the Vibrio bacteria that cause yellow blotch/band, the disease progresses much more rapidly
and causes much higher mortalities at 32°C than at 20°C (Cervino et al. 2004). The disease attacks
the zooxanthellae, and the authors postulate that the bacteria’s toxicity to the algae may be enhanced
at high temperatures. However, researchers also found that healthy control corals held at the same
temperatures began to show signs of thermal bleaching (expulsion of the zooxanthellae) at the
highest temperatures, so both benefits to the bacteria and stress to the coral may be at work.
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The combination effect is also evident in the dynamics of Aspergillosis infection of Gorgonia sea
fans. The Aspergillus fungus shows and optimal growth rate at 30°C; and in addition, the defense
mechanisms of the sea fan were less effective at the higher temperatures (Alker et al. 2001).

Other impacts. Climate change impacts extend beyond changes in water temperature. As discussed
above, aspergillosis disease of fan corals is caused by a terrestrial fungus. 1t was hypothesized several
years ago that dust storms from Asia and Africa might carry viable micro-organisms all the way to
the Caribbean (Garrison et al. 2003). Soon after, researchers isolated the spores of Aspergillus from
African dust storm deposits in the Virgin Islands and were able to determine that they were the
same as those sampled from diseased corals in the Caribbean (Weir-Brush et al. 2004). Transatlantic
dust deposition has been on the increase over the past thirty years as drought conditions have
intensified in the Sahara and Sahel regions (Prospero and Lamb 2003); therefore it seems the purple
blotches on Caribbean fan corals may be yet one more fingerprint of climate change.

Hurricanes are important tropical phenomenon, and since climate change may result in increased
intensity of some hurricanes, they deserve mention as well. However, the balance of hurricane
impacts is far from clear. In the Caribbean, loss of coral cover from the passage of a hurricane
averages 17% (Gardner et al. 2005). In addition, growth and recruitment of massive corals in the
Caribbean and Belize was lower in years when they were impacted by hurricanes or tropical storms
than in years without storm passage (Crabbe et al. 2007).

On the other hand, one coral reef that was being monitored for long term impacts of white pox
actually showed a slight increase in live coral cover after the passage of Hurricane Georges in 1998
(Patterson et al. 2002). In the summer of 2005, intensive bleaching was underway in the coral reefs
off of Florida and the U.S. Virgin Islands; however, the Florida reefs experienced some recovery
following the passage of Hurricanes Rita and Wilma (Manzello et al. 2007). Hurricane passage is
associated with wind-driven mixing of water layers and a reduction of sea temperature by up to 5°C
and thus may actually alleviate some of the thermal stress behind bleaching and other disease
outbreaks (Manzello et al. 2007). Hurricanes have also scoured invasive algae off of reefs off the
coast of Florida (La Pointe et al. 2006).
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One more relevant outcome of anthropogenic carbon dioxide output is the acidification of the
oceans. As carbon dioxide emissions have risen, a significant proportion of the carbon dioxide—
roughly 25%-- has been taken up by the oceans (Canadell et al. 2007). The fraction taken up by the
ocean dissolves to form carbonic acid, which, in sufficient quantity, decreases the pH of the ocean
water. The pH of the oceans has already dropped by 0.1 pH units, to the lowest level of the past
420,000 years (Hough-Guldberg et al. 2007). Acidification reduces availability of carbonate to living
systems, inhibiting the ability of reef-forming organisms to lay down their aragonite crystal
skeletons. Corals exposed to lower pH conditions exhibit decreased growth rates and lowered
density of their skeletons (Hough-Guldberg et al. 2007). It is not yet known whether acidification
leads to greater disease susceptibility or interacts with thermal stress in other ways (Eakin et al 2007),
but this important consequence of increasing carbon dioxide emissions should not be ignored.

Helping Coral Reefs Adapt to Climate Change and Disease

Improve water quality in tropical oceans. As discussed throughout this document, the dynamics of coral
reef disease are very complicated and affected by a wide variety of factors including, but not limited
to, climate change. Pollution from onshore sources has been long recognized as a destructive force
to coral reefs. Steps should be taken to limit this stress on these ecosystems as an important means
of implementing climate change adaptation for corals.

Reduce overfishing. As with many marine systems, overfishing has harmed coral reef ecosystems by
removing fish that would graze upon algae that threaten to overgrow corals. But coral reefs are
critically important nursery areas for the young of many commercially fished species. Thus, the loss
of coral reefs will potentially exacerbate the effects of over-fishing, since recruitment depends on
these nursery habitats. Fishing-free, fishing-reduction zones or other management measures may
help corals adapt to climate change.

Manage ballast water to prevent spread of exotic organisms, invasive species or pathogens. Given the uncertainty
about the origins of many coral diseases, and the potential for these organisms to be spread to new
regions in the ballast water of ships, enactment of stringent, uniform performance standards for
ballast water treatment is as important for the protection of coral reefs as it is for reducing the
spread of harmful algal blooms. Measures should also be put in place to halt the release of exotic
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aguarium species into waterways where they could transmit pathogens to corals or to other reef
species. This is particularly prudent given the uncertainties regarding the nature and origins of many
coral pathogens.

Expand research into the origins of coral disease and potential treatments. Coral diseases are largely uncharted
scientific territory: for all but a handful of the disease syndromes, the causative organism or set of
organisms have not even been definitively identified. We are only beginning to understand the
dynamics of infection and resistance. The possibility remains that some coral diseases might be
treatable, for instance by inoculation with viruses that can help the corals combat invading microbes
(Efrony et al. 2007). Given the tremendous biodiversity and economic benefits provided by coral
reefs, a greater societal investment in basic research and protection of these systems is warranted.
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Chapter 6. Diseases of Freshwater Fish

Aquatic ecosystems are hardly immune from the effects of climate change and diseases. In some
ways, aquatic wildlife may be even more vulnerable to the effects. For instance, trout and salmon,
which require clear, cold water, are increasingly being stressed by climate change (Trout Unlimited
2007). Additionally, the discreteness of stream ecosystems prevents natural migration of fish and
other aquatic animals between watersheds when conditions become climatically unfavorable. Pest
and disease species, on the other hand, have an unfair advantage: many are tiny and can be
transported unintentionally between systems via recreational equipment, bait buckets, the surfaces
and ballast water of ships, and other means. The exotic zebra mussel serves as a particularly vivid
and well-documented example: in 1988 it arrived in Great Lakes through ballast water and has since
spread throughout much of the east, and is pushing westward as well (Benson 2008). Two
protozoan parasites, whirling disease and icthythophonus, are of particular conservation concern
because of their potential to interact with climate change.

Whirling Disease

Life cycle

Whirling disease, so named because it causes infected fish to swim in circles, is caused by a tiny
parasite called a “myxozoan,” a tiny animal related to jellyfish and corals. The organism, termed
Myxobolus cerebralis, has a complicated life cycle that was not entirely deduced until the 1980s (Markiw
and Wolf 1983, Wolf et al. 1986). The life cycle is presented in detail by Gilbert & Granath (2003).
When a fish infected with the parasite dies, spores of the parasite are released. If some of these
spores are ingested by a tiny, aquatic worm called Tubifex tubifex, the spores sprout tiny filaments and
attach themselves inside the worm’s gut, where they then begin to reproduce. The offspring are
called triactinoyxons (TAMs), which are released into the water column in the feces of the worm.
The free-floating TAMs (once thought to be an entirely separate organism) attach to the skin of a
salmonid fish and bore in, reproducing first in the skin layers and then migrating to feed on nerve
and cartilage tissue. Inflammation from the infection constricts the spinal column and puts pressure
on the brain stem, leading to the characteristic whirling behavior (Rose et al. 2000). The whirling
behavior, as well as skeletal malformations from the infection, can sufficiently interfere with regular

feeding and swimming as to be fatal (MacConnell & Vincent 2001). The disease causes high levels
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of mortality in young fish whose skeletons are mostly cartilage; the disease has less impact on older
salmonids whose skeletons have hardened into bone.

Conservation Threat

Whirling disease is native to Europe, where it appears to have co-evolved with the brown trout
(Salmo trutta). It was introduced to the U.S. in the 1950s. Originally a problem mainly at hatcheries,
has since escaped and spread to 23 states. Rainbow trout/ steelhead (Oncorhynchus mykiss) and
sockeye salmon (Oncorhynchus nerka) are the most susceptible species (Whirling Disease Initiative
undated). Brown trout, introduced from Europe in the 1880s, show markedly less susceptibility to
whirling disease than native species like the rainbow trout (Hedrick et al. 1999). In some parts of
Montana the disease has caused 90% reductions in the rainbow trout population (Potera 1997) and
has decimated populations of Yellowstone cutthroat trout (Oncorhynchus clarki bouvieri), a keystone
species in the Greater Yellowstone Ecosystem (Koel et al. 2007). The disease may also prevent a
barrier to the recovery of rare species like the greenback cutthroat trout (O. c. stomias) (Cooney,
undated), and Gila (Oncorhynchus gilae gilae) and Apache trout (O. g. apache) (AZGFD 2007).

Climate Connection

Trout and salmon species favor cool water -- maximum temperature tolerance for most salmonids is
in the range of 20° to 24°C (Eaton & Scheller 1996). Climate models predict that stream
temperatures will rise in many locations over the 20" century (ISAB 2007, Eaton & Scheller 1996).
As stream temperatures increase, up to 50% of existing salmonid nationwide habitat will become too
warm (Eaton & Scheller 1996). More specific models of the North Platte River in Wyoming predict
that each degree Centigrade of temperature increase leads to approximately a 10 to 15% loss of
stream habitat (Keleher and Rahel 1996, Rahel et al. 1996). These researchers also predict that as the
fish become increasingly restricted to the colder headwater streams, their populations will be more
fragmented and more isolated, since the populations will no longer be able to intermingle in the

warmer mainstems downstream.

Unfortunately, as climate change contracts the range of many cold-water fishes, it will push them
more firmly into the stronghold of whirling disease, which itself will also most likely expand due to
climate change. Like many pathogenic organisms, both the whirling disease microorganism and the
tubifex worm that is critical in the disease’s life cycle respond to changes in water temperature. An
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early study of the effect of water temperature on disease development concluded that 15°C is the
optimum temperature for disease development (El-Maboutli et al. 1999). A later study refined this
conclusion, determining that development of the myxozoan within the worm occurs most rapidly at
17°C, but that the largest number of TAMs is produced at 13°C (Blazer et al. 2003). Both studies
found that TAM production dropped off at incubation temperatures above 20°C, at temperatures

approaching the thermal maxima for many salmonids.

These results have important implications for the role of climate change in altering the infectivity of
whirling disease. The disease is most dangerous to young hatchling salmonids, for instance, the
effects on rainbow trout are most severe if the young fish come into contact with TAMs in the first
nine weeks after hatching (Ryce et al. 2004). Since the development and release of TAMs occurs
more slowly at low temperatures, cold water, especially in the spring, may have a protective effect on
young trout (Kerans et al. 2005). However, climate change is predicted to decrease snowpack in the
Rocky and Cascade Mountains (NAST 2000). Reduced amounts of coldwater snowmelt in spring
could lead to a faster spring warming of streams when young hatchlings are most vulnerable to
whirling disease. A temperature-mediated increase in the rate of disease development would mean
release of infective TAMs when more hatchlings are still quite young, thereby increasing the severity
of the disease’s impact.

Ichthyophonus

Life Cycle

Ichtyhophonus hoferi is a fish parasite, classified in a group of protozoans that appear to be
intermediates between animals and fungi. Fish contract the disease when they eat an infected fish
whose tissue contains the fungus-like spores. In the acidic environment of the fish’s stomach, the
spores germinate and send finger-like projections called hyphae through the wall of the stomach.
Upon contact with a blood vessel, apparently mediated by a change to neutral pH, the hyphae burst
and send small amoeba-like cells into the bloodstream. Settling in the heart, liver or muscle tissue,
the amoeba-like parasites set about producing more spores (Spanggaard et al. 1995). The spore
“factories” are visible as white nodules on the muscle and organs of infected fish (Kocan et al.
2004). Infected fish die of multiple organ failure (Rahimian 1998) or of cardiac damage that reduces
swimming stamina during spawning (Kocan et al. 2006)



Conservation Threat

Ichthyophonus appears to have a global distribution and a wide range of potential freshwater and
marine hosts. For instance, outbreaks have been reported among rainbow trout from Korea (Chun
& Kim 1981) and Japan (Miyazaki & Kubota 1977), largemouth bass (Micropterus salmoides) in Taiwan
(Tung et al. 1986), sea bream (Sparus aurata) and rainbow trout in Greece (Athanassopoulou 1992),
sea bass (Dicentrachus labrax) from Spain (Sitja-Bobadilla and Alvarez-Pellitero 1990), yellow-tail
flounder (Limanda ferruginea Storer) in the Atlantic (Ruggieri et al. 1971), and herring (Clupea spp.) in
both the Atlantic (Scattergood 1948, Rahimian, 1998) and Pacific (Jones & Dawe 2002).

In the mid-1980s, the disease appeared in Alaska’s Yukon River Chinook salmon (Oncorhynchus
tshawytscha), where it was noticed by subsistence fishermen (Kocan et al. 2004). By 2003 infection
prevalence reached 45% (Kocan et al. 2004). Infection prevalence decreases far upstream near
spawning grounds, presumably because a high proportion infected fish die along the very long
spawning distance due to cardiac damage from the disease (Kocan & Hershberger 2006, Kocan et al.
2006). Loss of a substantial portion of the spawning population in their largest river system could
have serious consequences for the Chinook salmon, as well as grizzly bears, orcas and other species
that feed on them, not to mention the subsistence, sport and commercial fishing economies they
support. Total catches of Yukon Chinook have declined dramatically, with the 2000-2004 catch in
Alaska and Canada averaging about 60% of historical averages (JTC 2006).

Climate Connection

Several lines of evidence suggest that warm temperatures exacerbate ichthyophonus infection.
Laboratory experiments on rainbow trout have demonstrated that the disease severity is correlated
with temperature: experimentally inoculated fish held at 4°C did not develop the disease, fish held at
10°C all developed the disease but had 90% survival, and fish held at 15°C and 20°C all suffered fatal
infections (Okamoto et al. 1987). In a multi-year study of infection patterns in Yukon Chinook, fish
that spawned later in the summer, when river temperatures tended to be in the 15-20°C, had much
more severe infections than fish spawning earlier in spring when water temperatures were cooler
(Kocan et al. 2003). These researchers also found that the lowest level of disseminated disease
occurred in 2002, when the average water temperature was lowest, and was higher in the years with
higher average water temperature. From 1975 to 2001, mean water June water temperature rose
from less than 11°C to about 15°C (Kocan et al. 2003). Climate change is predicted to continue to
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raise river temperatures in Alaska (ACCAAG 2008), potentially further exacerbating the impacts of
ichthyophonus on Chinook salmon.

Helping Fish Navigate Climate Change and Aquatic Diseases

Help fish navigate the rivers. Dams block access to quality upstream habitat. Dam removal, fish passages
will broaden the range of habitat available for fish; more importantly, it will allow access to the
upstream habitats that are in general cleaner and colder than the downstream areas.

Prioritize streamside habitat restoration. Restoring vegetation along stream habitats shades and cools the
water, and also filters nutrients and sediment that reduce water quality. Forestry practices, including
sufficiently wide buffers and watershed cover, to maintain cool and other essential water quality
characteristics.

Clean fishing and hatchery practices. Boats, fishing and other recreation gear, bait dumping and the
transport of hatchery fish are important vectors for the introduction of pathogens and other
invasive species. Efforts are underway to educate the fishing and water recreation public as to the
importance of clean boating practices. Continuation and expansion of these programs is
recommended. Hatcheries should also implement best management practices to test for and control
diseases that could spread in the wild fish population.
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Chapter 7. Emerging Case Studies in Climate Change and Wildlife
Disease

In addition to the detailed profiles described throughout this document, new evidence linking
climate change to wildlife disease is emerging in many parts of the world. Several of these diseases
have only recently been discovered to impact certain wildlife species, and in many cases much more
needs to be learned about these diseases. However, even given these knowledge gaps, a pattern is
emerging that suggests climate change exacerbating multiple wildlife and disease interactions.

Nematode Infections in Muskoxen

Muskoxen are large mammals, more closely related to sheep than to oxen, found in the harshest
expanses of the Arctic tundra. Nearly 6 feet tall and weighing 600 pounds, they are distinguished by
their large curving horns and thick fur that reaches almost to the ground. They live in the
northernmost reaches of Nunavut and the Northwest Territories, the islands of the Canadian High
Arctic, and in parts of coastal Greenland. Once extirpated from Alaska, they were reintroduced in
the 1930s and now number about 2200, divided between the Yukon- Kuskokwim Delta area and
northern and northwestern coasts of Alaska.

A previously unknown parasite of muskoxen was discovered in 1988 and determined to be a new
species in 1995 (Gunn et al. 1991, Hoberg et al. 1995). The parasite is carried by snails that live in
the grass. Muskoxen acquire it while grazing if they accidentally ingest snails infected with larvae that
are near adulthood (Kutz et al. 1999). Once ingested the larvae move into the muskox’s lungs, where
they mature into adults, form cysts in the lung tissue, and lay their eggs. The new larvae move out of
the lungs and into the throat of the animal, and pass through the digestive system. Once excreted,
the larvae burrow into the foot of a snail, where they move through their larval stages until picked
up by another grazing muskox (Kutz et al. 2001).

For a disease that was unknown to science less than 25 years ago, the muskox lungworm has
achieved a remarkably high prevalence in just a few short decades. Researchers postulate that the
relative lateness of the nematode’s discovery can be attributed to a combination of low prevalence of
the disease and relatively low levels of researcher effort on the topic (Kutz et al. 2004). Independent
of researcher effort, however, a real and dramatic expansion of the disease also seems to be taking
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place, with nearly 100% incidence of infection in some parts of Nunavut Territory (Kutz et al. 2004).
Evidence is mounting that this expansion may be driven by climate change.

In general, temperature is an important factor regulating the life cycle nematodes. For instance, the
larvae move through their development cycle more quickly when summer temperatures are warmer
(Greifenhagen and Noland 2003). Another important temperature effect occurs in winter: very cold
winters kill off eggs and larvae, so survivorship of eggs and larvae is higher in milder winters
(Greifenhagen and Noland 2003). Susan Kutz and her colleagues (2002) have found that under
normal temperatures, the muskox lungworm nematode requires two years to move through its larval
phases inside a gastropod. However, warm summer temperature speed up the cycle and allow them
to complete development in a single year. The extension of the growing season via warmer springs
and autumn temperatures also helps the larvae complete the cycle. Developing in one year rather
than two confers an enormous advantage on the nematode: it means that the larvae don’t have to
overwinter at all, and are thus freed from a significant cause of mortality. Instead, at the end of just
one season, they are ready to move into the relative safety (from a temperature perspective) of the
inside of a muskox, where they can then lay their eggs and begin the cycle anew.

In their 2004 article on muskox lung nematodes, Susan Kutz and colleagues point out that
temperatures in the area of highest infection have risen 2.0°C over the past sixty years, and that
eighteen of the twenty years from 1983-2003 were above historical averages. Data from the
Canadian Meteorological Service shows that this trend has continued: following near-normal years in
2004 and 2005, summer temperatures in the western Canadian High Arctic have been 1.0 to 1.5
Centigrade degrees above normal in 2006-2008 (CMS website). They postulate that this change is
tilting the ecological balance in favor of the parasite.

Nematode infection damages the lungs of the animals and may impair with their ability to flee from
grizzly bears and other predators (Kutz et al. 2004). The disease may have other effects as well, such
as interfering with growth, reproduction or survival, the potential impacts have not been fully
investigated. However, muskoxen populations appear to be declining in places where lungworm
infectivity rates are highest, and both of these are correlated with climate warming over the past ten
to fifteen years (Kutz et al. 2004).
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More importantly, muskoxen may not be alone among arctic ungulates in suffering increased levels
of parasitism due to climate change. The climate-mediated alteration in the dynamics between host
and parasite may be playing out in other species as well. As with the muskoxen lungworm, Arctic
warming has lengthened the “growing season” for a two nematode parasites of Dall’s sheep, one
infecting the muscle and the other the lungs (Jenkins et al. 2006). The researchers studying this
species predict that the two parasites will spread northward and cause more intense infections in
coming years. Similarly, northern fur seals often suffer infections from hookworms that cause
anemia, which is particularly deadly to pups. Like other nematodes, hookworms’ life cycle is tied to
temperature and humidity, so they might also become more prevalent as the Arctic warms (Burek et
al. 2008).

Disease Convergence in Lions

Climate change may cause synergistic effects between diseases. Researchers in Tanzania have found
this effect in lions. Two diseases that generally cause little mortality when acting alone-- canine
distemper and Babesia — produce devastating die-offs when they hit at the same time. Extreme
climate events, particularly droughts, increase the likelihood of concurrence.

Canine distemper is a virus in the morbillivirus family, related to measles in humans. Despite the
implication from the name that it is a disease of dogs, it affects a variety of species: in addition to
dogs, wolves and coyotes, it can be found in weasels, raccoons (Appel & Gillespie 1972), seals
(Kennedy et al. 2000) and large felids (Appel et al. 1994). Symptoms of CDV include fever,
gastrointestinal problems, loss of appetite, difficulty breathing, and seizures characterized by
chewing motions and waving of the legs (Appel et al. 1994).

The first fatal occurrence of CDV in wild lions occurred in the Serengeti National Park in Tanzania
in 1994, killing nearly 30% of the lions in the Serengeti-Masa region (Roelke-Parker et al. 1996).
Fatal cases showed pneumonia and swelling of the brain. It was originally thought that this was the
first exposure of the Serengeti lions to the CDV virus and that the high fatalities were attributable to
“immunological naiveté” among the lions (Roelke-Parker et al. 1996). However, later research
demonstrated that CDV epidemics had occurred sporadically in the area from1976 to 2006, but only
two of these caused significant lion fatalities: the 1994 Serengeti epidemic and a 2001 epidemic in
nearby Ngorongoro Center (Munson et al. 2008). It was at first unclear what circumstances caused a
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subset of CDV epidemics to prove so much more fatal than others. The difference, it turned out,
was co-infection with Babesia.

Babesia is a protozoan blood parasite similar to malaria in that it attacks red blood cells and causes
infected individuals to suffer from a lack of oxygen to cells and tissues. Unlike malaria, which is
transmitted by mosquitoes, Babesia is transmitted by ticks. Low levels of infection are common in
lions and do not appear to be particularly problematic (Penzhorn 2006). Linda Munson and her
colleagues (2008) found, however, that many lions had unusually high Babesia infection levels during
the 1994 and 2001 fatal canine distemper epidemics. Babesia infection levels were not unusually high
during the nonfatal CDV outbreaks, which led the scientists to hypothesize that some
environmental factor was contributing to high Babesia levels, which in turn reduced the lions’ ability
to survive the concurrent CDV outbreaks.

The researchers found that the key environmental factor in the 1994 and 2001 epidemics was the
occurrence of a severe drought. On important prey species, the Cape buffalo, was particularly
affected by the drought. In their malnourished and weakened state, they had much higher than usual
loads of parasites, particularly ticks. As the Cape buffalo were killed off by the drought, the lions
took advantage of the large food source. But as the lions fed on the buffalo, they acquired a much
higher than usual load of Babesia infected ticks. Suffering from unusually heavy Babesia infections,
the lions were less able to cope with canine distemper virus, and the combination of the two diseases
killed many more lions than either disease commonly would acting on its own (Munson et al. 2008).

Climate change looms large as a threat in this story. Two pathogens, each relatively benign on their
own, combined with deadly force in the face of an extreme weather event, in this case severe
drought, that is predicted to become more frequent under current climate change scenarios (IPCC
2007). Munson and her colleagues warn that, “If extreme weather events become increasingly
frequent owing to global climate change, the consequent synchronization of proliferating pathogens
or their vectors may cause disease to become a major threat to historically stable populations that
had previously coexisted with multiple viral and parasitic pathogens.”

Distemper in Marine Mammals

60



As described above, canine distemper virus affects a wide array of animals, including seals (Kennedy
et al. 2000). In 1988, several thousand Baikal seals in Lake Baikal, Siberia were killed by canine
distemper (Grachev et al. 1988). In the Caspian Sea in the spring and summer of 2000, over 10,000
Caspian seals died from pneumonia and lymph gland damage due to canine distemper. The exact
pathology and causes of this epidemic have not been pinpointed and a number of factors may be at
work, including contamination with immune-suppressing organochlorine pollutants (Kuiken et al.
2006). Researchers did note, however, that the winter preceding the epidemic was significantly
warmer than the 10-year average, and ice cover disappeared earlier that year than in any of the
previous ten years. They hypothesized that the rapid ice loss that year might have reduced available
locations for the seals to haul out, and in turn led to an unusually high rate of concentration,
allowing for rapid spread of fatal canine distemper (Kuiken et al. 2006).

Another member of the morbillivirus family is phocine distemper, which is very similar but is
restricted to seals and sea lions. Phocine distemper epidemics killed 18,000-23,000 harbor seals in
northern Europe in 1988 and 21,700-30,000 in 2002 (Jensen et al. 2002, Mdller et al. 2004,
Harkonen et al. 2006). The harbor seal epidemics were probably caused by contact with a migratory
species, such as grey seals, which may have acted vector spreading the disease between harbor seal
populations (Harkonen et al. 2006). As climate change causes changes in ranges and feeding
patterns, there may be increasing instances where species with previously separate ranges encounter
each other, providing new opportunities for diseases to spread to species not previously affected
(Burek et al. 2008). In fact, Burek and colleagues’ 2008 prediction may be playing out already:
phocine distemper appears to have jumped from the Atlantic to the Pacific Ocean due to retreating
sea ice. The virus had not previously been found in the Pacific basin, but researchers studying a 2006
mortalities of sea otters in south-central Alaska found them infected with a strain of phocine
distemper that matched the 2002 strain that killed harbor seals in northern Europe (Goldstein et al.
2009). The species vector responsible for transmitting the virus to the otter has not yet been
identified; however, the authors suspect that sea ice reductions allowed infected Atlantic seals to
transmit the virus to Pacific marine mammals. They conclude that “All Pacific marine mammal
species are now at risk for phocine distemper—induced population decreases’ (Goldtein et al.
2009).

Avian Influenza
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Very few studies have considered the potential impacts of climate change on the range, rate of
spread, pathogenicity, or species affected by avian influenza (Gilbert et al. 2008). One study has
attributed the spread of H5N1 in Europe to migratory birds, particularly swans, ducks and geese
(Kilpatrick et al. 2006). On the other hand, the pathogenicity of HSN1 may hamper infected birds’
ability to migrate, reducing their ability to spread the virus widely (Weber and Stilianakis 2007).

One of the only treatments of the topic to date suggests that if climate change alters the breeding or
migratory patterns of ducks, swans, geese or shorebirds, these species may spread one or more
strains of avian influenza to new places. The greatest potential for wide-scale spread probably occurs
during fall molt migration staging, when large numbers of multiple species, many temporarily
flightless, congregate in narrow geographic areas. Any changes that further restrict these staging
areas might increase transmission (Gilbert et al. 2008).
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Conclusions

As demonstrated through the case studies in this report, climate change is interacting with wildlife
disease to create an ever-widening threat to terrestrial, marine and freshwater wildlife species. A wide
variety of measures should be undertaken to meet this threat, including: 1) improved surveillance for
diseases; 2) additional research into the dynamics of disease, climate change, and other wildlife
threats; and 3) measures to ameliorate the threats of climate change and wildlife disease.

Addressing these challenges will require a greater combined commitment from federal and state
wildlife agencies, the public health community, conservation organizations, researchers and
funders. Unfortunately, the threat of disease has not been at the forefront of climate change
adaptation research and planning for most agencies. Defenders of Wildlife recently conducted
interviews with 68 wildlife professionals from federal and state agencies, non-governmental
conservation organizations and scientists who are working on climate change adaptation. The
experts interviewed were asked to discuss their planning efforts, techniques and practices related
to helping wildlife adapt to climate change (Theoharides et al. 2009). Not a single one of the
professionals interviewed volunteered disease as one of the climate change threats, or as an issue
that needed to be addressed in the context of climate change adaptation (K. Theoharides; pers.

comm.).

A recent federal funding appropriation enabled the USGS to create a National Climate Change
and Wildlife Science Center. “In December 34, 2008, the USGS convened a workshop that
brought together nearly 200 representatives from invited state and federal agencies, tribal
organizations, academia and nongovernmental organizations to identify research needs and
priorities, devise strategies for partnerships and collaboration, and to begin to design a structure
for the Center” (USGS 2008). The summary report from this workshop mentioned the word
“disease” only once.

The disconnect works in reverse as well: the most important web-based wildlife disease resource,

the USGS/University of Wisconsin's Wildlife Disease Information Node, contains very little
mention of climate change (WDII, undated).
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One notable exception to the nearly universal disconnect between attention to thinking on climate
change and wildlife disease is the U.S. Fish and Wildlife Service’s draft “Strategic Plan for
Responding to Accelerating Climate Change in the 21 Century.” This report identifies disease as
one of the conservation consequences of our changing climate (USFWS 2008). As one of the Plan’s
goals, the Service intends to “...deliver landscape conservation that supports climate change
adaptations by fish wildlife and plant populations of ecological and societal importance.” One of the
nine objectives under this goal is to “reduce susceptibility to diseases, pathogens, pests and
contaminants.” The Service’s plan to do so entails improving surveillance and response, improving
predictability about the effects of climate change on wildlife disease, and reducing the vulnerability
of wildlife to disease threats (USFWS 2008). All of these are very important goals for the Service and
will be critical components of helping wildlife adapt to climate change. It is crucial that the final
Strategic Plan retain this focus, and that future plans and actions stemming from the Strategic Plan
more fully flesh out how the Service will achieve these goals. More attention to climate change and
wildlife disease is also needed at other federal agencies and research centers, such as the USGS
National Climate Change and Wildlife Science Center, National Wildlife Health Center, and the
other federal wildlife research centers. Equally important, states must recognize disease as they
update their wildlife action plans and other strategic plans to address the threat of climate change to
wildlife.
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